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Improper disposal of 1,4-dioxane and the chlorinated organic solvents 
trichloroethylene (TCE) and tetrachloroethylene (PCE) has resulted in widespread 
contamination of soil and groundwater. Current TCE and PCE remediation technologies 
are based on photolysis, sonolysis, and reductive transformations by iron-bearing 
minerals or dechlorinating microorganisms.  Photolysis and sonolysis, however, are 
limited by UV light penetration and low energy transfer efficiency, respectively, while 
microbially-catalyzed reductive dehalogenation reactions are limited by microbial 
nutrient requirements, contaminant bioavailability, and incomplete dechlorination leading 
to the production of toxic intermediates. Current 1,4-dioxane remediation technologies 
such as carbon absorption, air stripping, and distillation are limited by problems 
associated with 1,4-dioxane solubility, boiling point, and vapor pressure, respectively.  
Other 1,4-dioxane remediation technologies such as photo-remediation by UV light and 
ultrasound-aided degradation are also limited by UV light penetration and low energy 
transfer efficiency. In the present study, a novel microbially-driven Fenton reaction 
system was designed to generate hydroxyl (HO!) radicals for simultaneous degradation of 
source zone levels of single, binary, and ternary mixtures of TCE, PCE, and 1,4-dioxane 
(Chapters 2 & 3).  The new Fenton reaction system was driven by the Fe(III)-reducing 
facultative anaerobe Shewanella oneidensis amended with lactate, Fe(III), and 
contaminant mixtures and exposed to alternating anaerobic and aerobic conditions. The 
novel microbially-driven Fenton reaction system successfully degraded TCE, PCE, and 




comparison to conventional (purely abiotic) Fenton reactions, the microbially-driven 
Fenton reaction operated at circumneutral pH and did not the require addition of 
exogenous H2O2 or UV irradiation to regenerate Fe(II) as Fenton reagents.The new 
microbially-driven Fenton reaction system may be applied as an ex situ platform for 
simultaneous degradation of co-mingled TCE, PCE, and 1,4-dioxane and provides 
valuable information for future development of in situ remediation technologies. 
Degradation of lignocellulosic biomass was also demonstrated through the 
novel microbially driven fenton reaction by S. oneidensis. Lignocellulose is the most 
abundant renewable resource for the biofuel and biorefinery industry. General 
bioconversion process for production of biofuel or biorefinery products consists of 
polymer size reduction, pretreatment, enzymatic hydrolysis (saccharification), 
fermentation and downstream process for product recovery. Current pretreatment 
technologies including milling, ammonia fiber explosion, CO2 explosion, steam 
explosion, ozonolysis, acid hydrolysis, alkaline hydrolysis, ionic liquids are problematic 
due to the requirement of big investments for facilities, pollution, safety, high energy 
demand and requiring detoxification of phenolic inhibitory byproducts for next biological 
process. In this study, we have developed a new method that combines both pretreatment 
and saccharification of cellulose and xylan in a microbially driven fenton reaction 
(Chapter 4). Wild type Fe(III)-respiring S. oneidensis is unable to utilize cellodextrin and 
xylodextrin sugars as carbon and energy source, thus enabling the use of this bacteria to 
accumulate large concentrations of fermentable sugars. The combined pretreatment and 
saccharification method for cellulose and xylan developed did not involve the addition of 




feasible process to directly produce simple fermentable sugars from cellulose and xylan. 
Microbial Fe(III) reduction is a dominant anaerobic respiratory process in soil and 
sediments, which suggests that the microbially driven fenton reaction may play an 
important role in the degradation of decaying plant and woody materials in the natural 
environment in the presence of fluctuating redox conditions thus providing a foundation 
for the study of organic carbon cycle in a natural setting. 
 The pentose sugar xylose is one of the primary degradation products of 
lignocellulosic biomass and, after glucose, is the second most abundant carbohydrate in 
nature.  Although the complete glucose metabolic pathway has been identified in S. 
oneidensis wild-type S. oneidensis does not metabolize xylose as sole carbon and energy 
source. In this study, an adaptive evolution approach was followed to generate S. 
oneidensis mutants that metabolize D-xylose as sole carbon and energy source leading to 
the identification of a previously unknown D-xylose catabolic pathway in S. oneidensis 
including a MFS transporter (SO_1396) and two metabolic enzymes (SO_0900 & 
SO_4230) through complementary genetic and biochemical techniques (Chapter 5). 
Finally, the xylose adapted S. oneidensis was genetically engineered to produce 
polyhydroxybutyrate (PHB), a biodegradable plastic as the secondary chemical product. 
This expansion of metabolic capability to convert D-xylose to a useful product such as 
PHB can be beneficial in biotechnological applications to couple multiple carbon sources 
such as glucose, glycerol and D-xylose by S.oneidensis to improve efficiency of 




                  INTRODUCTION 
1.1 Background 
1.1.1 Shewanella oneidensis MR-1 
Dissimilatory Fe(III)-reducing bacteria occupy a central position in a variety of 
environmentally important processes, including the biogeochemical cycling of carbon 
and iron, the bioremediation of radionuclides and organohalides, and the generation of 
electricity in microbial fuel cells (1-4).  Fe(III)-reducing bacteria are scattered and deeply 
rooted throughout both prokaryotic domains, an indication that microbial Fe(III) 
reduction may also have been one of the first respiratory processes to have evolved on 
early Earth (5, 6).  The metal-reducing γ-proteobacterium Shewanella oneidensis is one 
of the most extensively studied Fe(III)-reducing bacteria. The Fe(III)-reducing facultative 
anaerobe S. oneidensis possesses diverse metabolic systems for coupling oxidation of a 
wide variety of electron donors (e.g., lactate, formate and hydrogen (7)) to the reduction 
of electron acceptors (O2, fumarate, nitrate, nitrite, trimethylamine N-oxide, Fe(III), 
Mn(III/IV), dimethyl sulfoxide, sulfite, thiolsulfate, elemental sulfur (8)), thus highly 
adaptable to aerobic and anaerobic environments. Recently, the list of electron donors has 
been expanded to include glucose and glycerol through adaptive evolution and metabolic 
engineering (9-11). Therefore, S. oneidensis is one of the most popular model organisms 
for bioremediation of hazardous compounds, microbial fuel cell applications and more 
recently for the production of biofuels such as ethanol and isobutanol from substrates 
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such as glycerol and glucose through metabolic engineering (10-13). 
1.1.2 Chemical and Microbially driven Fenton Reaction 
!
  The Fenton reaction was discovered by H.J.H Fenton in 1894. Fenton hydroxyl 
radicals (HO!) may be produced by the conventional Fenton reaction (eq 1) in which 
ferrous iron (Fe(II)) catalyzes the decomposition of hydrogen peroxide (H2O2) to produce 
Fe(III), hydroxyl ion (OH-) and HO! radical: 
     Fe(II) + H2O2 "Fe(III) + OH- + HO!   (1) 
  The high oxidation potential of HO! radicals derived from conventional Fenton 
reactions drives oxidative degradation of a variety of compounds, including chlorinated 
aliphatics and aromatics (14), pentachlorophenol (PCP) (15, 16), PCE (17), TCE (18-22), 
1,1,2-trichloroethane (TCA) (23), 1,4-dioxane (13), lignocellulosic biomass (24, 25) and 
petroleum hydrocarbons (26).  Conventional Fenton reaction-driven degradation, however, 
is driven by the high concentrations of the Fenton reagents Fe(II) and H2O2 that must be 
continuously supplied to produce HO! radicals and drive contaminant degradation (19, 
27).  At neutral pH, addition of Fe(III)-complexing ligands may improve conventional 
Fenton reaction efficiencies by preventing Fe(III) oxide precipitation (28).  UV irradiation 
is often employed to induce Fe(III) re-reduction and photolytic radical production in 
photo-Fenton systems.  The UV irradiation systems, however, are limited by UV light 
penetration, and H2O2 must still be continuously supplied to drive the conventional Fenton 
reaction (13).  
  Microbially-driven Fenton reactions that alternately produce the Fenton reagents 
H2O2 (via microbial O2 respiration) and Fe(II) (via microbial Fe(III) reduction) alleviate 
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the need for continual addition of H2O2 and Fe(II) to drive HO! radical production (13, 29-
31).  The Fe(III)-reducing facultative anaerobe Shewanella oneidensis was recently 
employed to drive the Fenton reaction for oxidative degradation of PCP and 1,4-dioxane 
(16).  In the S. oneidensis-driven Fenton reaction, batch liquid cultures were amended with 
Fe(III) and the contaminant and subsequently exposed to alternating anaerobic and aerobic 
conditions.  During the anaerobic period S. oneidensis produced Fe(II) via microbial 
Fe(III) reduction, while during the aerobic period, S. oneidensis produced H2O2 via 
microbial O2 respiration.  During the transition from anaerobic-to-aerobic conditions, 
Fe(II) and H2O2 interacted chemically via the Fenton reaction to produce HO! radicals that 
completely degraded the contaminant at source zone concentrations .   
1.1.3 1,4-Dioxane, Trichloroethylene and Tetrachloroethylene  
!
The carcinogenic cyclic ether compound 1,4-dioxane is detected in a variety of 
contaminated surface waters and groundwaters (Fig. 1.2 & Table 1.1) (32-36). 1,4-
dioxane has been employed as a stabilizing agent for chlorinated solvents in the textile 
and paper industries (37, 38) and as a byproduct of surfactant and polyethylene 
terephthalate plastic manufacturing processes (39-41).  1,4-dioxane is completely 
miscible in water, semi-volatile, and is thus highly mobile in water or aqueous 
environments. Current 1,4-dioxane remediation technologies such as carbon absorption, 
air stripping, and distillation are limited by problems associated with 1,4-dioxane 
solubility, boiling point, and vapor pressure, respectively (Table 1.1) (42). Alternate 
methods such as photo-remediation by UV light, ozone destruction in the presence of 
hydrogen peroxide (H2O2), and ultrasonic destruction are not cost effective remediation 
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strategies (43, 44). 
 
Table 1.1. Applications, health hazards, current degradation methods and limitations of 
organic contaminants in this study. 
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  Bioremediation is a promising alternative method for in situ remediation of 1,4-
dioxane-contaminated waters. 1,4-dioxane may be degraded microbially via metabolic or 
cometabolic reactions. Microbial degradation is carried out aerobically by mixed microbial 
communities in industrial sludge (45, 46), and 1,4-dioxane-degrading bacteria have been 
isolated (47, 48). Only a limited number of studies have examined microbial degradation of 
1,4-dioxane under anaerobic conditions, and the degradation rates under nitrate-, iron-, and 
sulfate-reducing conditions are exceedingly slow (49, 50).  Ex situ treatment of 1,4-
dioxane-contaminated ground water involves pumping and treatment via advanced 





   
 
Figure. 1.1 Mechanism of 1,4-dioxane degradation by HO! radicals 
 
  1,4-Dioxane is degraded by HO! radicals and the mechanism is given in Figure 
1.1. Initially, 1.4-dioxane undergoes H-abstraction to form α-oxyl radical. The α-oxyl 
radical is the main precursor of major intermediates during further degradation by the HO! 
radicals(29).  The α-oxyl radical is further degraded to acetic acid through methoxyacetic 
acid as the transient intermediate. Acetic acid further degraded in the presence of the HO! 
radicals to produce formate, glyoxylate, and oxalic acids as intermediates. All the 




The chlorinated organic solvents trichloroethylene (TCE) and tetrachloroethylene (PCE) 
have been employed historically as solvents in a variety of industrial processes including 
vapor degreasing of metal surfaces, paint stripping, and dry cleaning (Table. 1.1) (19, 54). 
TCE and PCE are carcinogenic and improper disposal practices at industrial sites has 
resulted in widespread contamination of soil and ground water (Table 1.1) (19, 21, 54-57).   
Due to their high density and low aqueous phase solubility, TCE and PCE are also highly 
persistent in contaminated environments (55, 56). The potential carcinogen 1,4-dioxane is 
generally employed as a stabilizer for TCE and PCE in industrial processes (39-41, 58, 59), 
and thus TCE- and PCE-contaminated ground water is often comingled with 1,4-dioxane 






             1,4-Dioxane    Trichloroethylene                Tetrachloroethylene 
 
Figure 1.2. Chemical structures of organic contaminants in surface and 
groundwaters. 
 
  Current TCE and PCE remediation technologies are based on photolysis, 
sonolysis, and reductive transformation by iron-bearing minerals or dechlorinating 
microorganisms (18, 22, 27, 57, 64-69).  Photolysis and sonolysis, however, are limited by 
UV light penetration and low energy transfer efficiency, respectively (70), while 
microbially-catalyzed reductive dehalogenation reactions are limited by microbial nutrient 
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requirements, contaminant bioavailability, and incomplete dechlorination leading to the 
production of toxic intermediates (71).  
  Reductive dehalogenation is a process during which a halogen substituent is 
removed from a molecule with concurrent addition of electrons to the molecule. Such a 
process requires a electron donor (reductant) (72). Reductive dehalogenation is carried out 
by dehalorespiring bacteria that play a key role in the transformation and detoxification of 
variety of halogenated compounds such as chlorophenols, chloroethenes, chlorobenzenes 
etc (64).  Respiratory organochlorine-reducing bacteria use chlorinated compounds as 
terminal acceptors for energy. This process is called chlororespiration or 
dechlororespiration, a process limited to the availability of suitable electron donors in 
contaminated subsurface environments(73). Trichloroethene (TCE) and Perchloroethene 
(PCE) are industrial organic solvents found in soil and ground water due to improper 
disposal methods leading to extensive research studies of microbial reductive 
dechlorination of such chloroethenes over the last decade(64). First microbiologically 
mediated reductive chlorination of PCE and TCE was observed in the 1980s and the first 
report of dechlorination of PCE to ethane in 1989(74). TCE and PCE respiring bacteria 
isolated till date include Desulfitobacterium, Sulfurospirillum, Desulfomonile, Desul- 
furomonas, Geobacter, “Dehalococcoides,” and Dehalobacter (75, 76). cis-1,2-
dichloroethene (cis-DCE) and trans-dichloroethene (trans-DCE) are the most common end 
products among dehalorespiring bacteria and in some cases (Dehalococcoides), PCE and 
TCE are completely reduced to ethene (64, 77).  
 
In order to dechlorinate TCE and PCE, bacteria require suitable electron donors (organic 
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substrate or hydrogen) (78). Several efforts have been made to improve hydrogen 
concentrations at contamination sites to further activate dechlorinators. Addition of 
favorable electron donors has been a recent focus to improve bioremediation of PCE and 
TCE contaminated sites(73). In a specific study, carbon electrodes have been shown to act 
as sole electron donors for the dechlorination of TCE to non-chlorinated end products. 
Soluble redox mediators act as electron shuttles to transfer electrons between the electrode 
and the dechlorinating bacteria(78). Under aerobic conditions, PCE is non-biodegradable, 
whereas TCE is broken down to nontoxic products by enzymes such as methane 
monooxygenase or toluene dioxygenase(79). Under anaerobic conditions, PCE and TCE 
have been reductively dechlorinated by mixed cultures to less-chlorinated ethenes(80). 
Enzymes such as chloroethene reductive dehalogenes have been identified from several 
organisms. Methanogens, acetogens and sulfur reducing bacteria contain reduced transition 
metal factors such as corrinoids, hemes and cofactor F430. In dehalobacter restrictus, 
dechlorination proceeds through a radical mechanism (81). 
  TCE and PCE are also degraded by the HO! radicals (Fig. 1.3). The reaction of 
PCE with radiolysis-produced HO! gives low yields of trichloro- and dichloroacetic acids. 
The trichloro-/dichloroacetic acid ratio in the fenton reaction is 0.6, while the same ratio in 
the photo-Fenton reaction is 18.5. The key step in trichloroacetic acid formation is 
proposed to be either (path 3) 1,2-Cl shift within the PCE-OH• adductor (path 4) addition of 
Cl• (produced in secondary reactions) to the double bond. Reaction of OH• with TCE gives 
0.12% dichloroacetic acid and a trace of trichloroacetic acid, while the photo- Fenton 
reaction gives 2.7% dichloroacetic acid and a trace of trichloroacetic acid. The TCE 
pathway to dichloroacetic acid is no known, but by analogy to PCE, two routes are 
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plausible: (path 5) addition of HO! to the less-favored carbon, followed by 1,2-Cl shift and 
(path 6) addition of Cl• to the double bond.  
 
!
Figure. 1.3 Mechanism of TCE and PCE degradation by HO! radical. Reaction with 
dioxygen to give the peroxyl radical, ROO•; b, dimerization of ROO• to ROOOOR 
followed by decay of the tetroxide to give an acyl chloride + O2 + 2Cl•; c, hydrolysis of 
the acyl chloride to the carboxylic acid; d, elimination of HO2• to form an acyl chloride  
 
1.1.4 Lignocellulosic Biomass 
 
Renewable resources that replace non-renewable fossil fuels include low-cost biomass such 
as lignocellulose, one of the most abundant renewable feedstocks (82, 83). Lignocellulosic 
biomass consists of cellulose, hemicellulose, and lignin (Fig. 1.2). Cellulose is a polymer 
made up of multiple glucose units bonded by a 1-4 beta linkage. Xylan is a polymer made 
up of multiple xylose units bonded by a 1-4 beta linkage. Lignin is a hydrophobic 
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component made up of phenyl propanoid subunits. More importantly, lignocellulose 
possesses little food value and grows on non-agricultural land. Although economic benefits 
may be derived from producing useful products from lignocellulose, the associated 
production costs continue to outweigh the costs of fossil fuel production. Some of the 
useful products include bioethanol, butanol, 1-propanol, mesobutandiol, isoprenoids, sugar 
alcohols and bioplastics. Resistance of lignocellulose to chemical depolymerization 
reactions increases the cost of fermentable sugar production. The polymeric structure of 
lignocellulose is highly resistant to chemical attack and solubilization (84) and, although 
cellulose and hemicellulose is hydrolyzed through chemical pretreatment processes such as 
acidic, alkaline, or organic pulping (85), these processes often generate inhibitory 
byproducts that compromise downstream reactions (86, 87). Chemical pretreatment is 
typically followed by enzymatic hydrolysis catalyzed by endocellulases, exocellulases, and 
peroxidases (88, 89) that breakdown cellulosic materials to sugar monomers, which are 
subsequently fermented to secondary metabolites including bioethanol, butanol, and 
propanol. Degradation of!lignocellulose!to!sugar!monomers!is!the!major!obstacle!in!
improving!the!overall!yield!and!efficiency!of!secondary chemical production. Lignin 
degradation systems in nature are generally based on the activity of white- and brown-rot 
fungi (90) which produce lignolytic enzymes such as peroxidases and laccases. Brown-rot 














    Lignin
Figure. 1.4. Illustration of lignocellulosic biomass structure and components 
hemicellulose, cellulose, and lignin. Adapted from Shin et al (91, 92) 
 
 
1.1.5 Polyhydroxyalkanoate (PHA)-based bioplastics  
!
Polyhydroxyalkanoates consist of linear polyesters with repeating monomeric 
units of hydroxyalkanoate.  PHAs are produced by microorganisms  (93-95) such as 
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Alcaligenes eutrophus (96), Pseudomonas aeruginosa (97) and Bacillus subtilis (98) as a 
means of storing carbon and energy source. The chemical structure of the major PHAs 
are given in Fig. 1.3 (93). The chemical properties of these biorenewable polymers are 
comparable to that of conventional plastics, thus PHAs are attractive alternative materials 












Figure. 1.5.  General structure of PHAs. Structure and chemical properties are 
based on the composition of the attached R-group (93), where n indicates the 
number of monomeric units of each polymer chain (varying between 100-30,000) 
and R is the side chain that includes alkyl groups that vary from methyl (C1) to 
tridecyl (C13) (93). 
 
 
 PHB is the most common type of PHA synthesized and accumulated 
intracellularly by PHB-synthesizing microorganisms such as Ralstonia eutropha 
(previously known as Cupriavidus necator, Wautersia eutropha, and A. eutrophus) as 
carbon and energy storage material in response to conditions of physiological stress (99). 
PHB is a linear polyester of the monomer, (R)-3-hydroxybutyric acid that belongs to the 
group of short chain length PHAs consisting of C3-C5 hydroxyacid monomers (100). The 
R-Group PHA name Abbreviation 
-H Polyhydroxypropionate PHP 
-CH3 Polyhydroxybutyrate PHB 
-CH2CH3 Polyhydroxyvalerate PHV 
-      -CH2CH2CH3 Polyhydroxyhexanoate PHH 
!
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PHB biosynthetic pathway involves three enzymes that carry out a set of three sequential 
reactions (101). Lactate, glucose, and xylose metabolism produces acetyl-CoA as 
intermediate by-product. The first enzyme of the PHB pathway is acetyl-CoA-
acetyltransferase (encoded by phaA), which catalyzes the condensation of two acetyl-
CoA molecules to form acetoacetyl-CoA. This step is followed by reduction of 
acetoacetyl-CoA to (R)-3-hydroxybutyryl-CoA by NADPH-dependent acetoacetyl-CoA 
reductase (encoded by phaB). Finally, PHA synthase (encoded by phaC) catalyzes the 
polymerization of (R)-3-hydroxybutyryl-CoA monomers to PHB (102). 
1.1.6 Xylose metabolism 
!
Xylose is one of the primary products of lignocellulose degradation and, after 
glucose, is the second most abundant carbohydrate in nature.  The xylose polymer xylan is 
the primary constituent of hemicellulose that comprises approximately 17% of dry weight of 
hardwoods and up to 31% of plants (103). Xylose catabolism is a key component of 
sustainable processes that produce useful secondary products from lignocellulosic biomass 
(104-106). Xylose catabolism is also of commercial interest because xylose conversion to 
useful secondary chemicals such as bioethanol and biodegradable plastics can reduce losses 
associated with lignocellulose bioprocessing (107, 108).  Industrially important byproducts 
of xylose metabolism include xylitol, which is used as a natural sweetener in the food and 
confectionary industries (109). 
Xylose metabolic pathways include the oxido-reductase, isomerase, and Weimberg-
Dahms pathways (Fig. 1) (103, 110). Extracellular xylose is transported inside the cell via 
the ATP-binding cassette (ABC) or major facilitator superfamily (MFS) xylose transporters 
XylFGH and XylE, respectively (111, 112). In the oxido-reductase pathway of yeast (113), 
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NAD(P)H dependent D-xylose (referred to below as xylose) reductase converts intracellular 
xylose to xylitol, which is then oxidized to xylulose by D-xylitol dehydrogenase.  Xylulose 
is then phosphorylated by xylulokinase to xylulose 5-phosphate, which enters the pentose 
phosphate pathway. In the xylose isomerase pathway of Escherichia coli (113), xylose 
isomerase converts xylose to xylulose, which enters the pentose phosphate pathway similar 
to the oxidoreductase pathway (103, 114). In the Weimberg-Dahms pathway of Caulobacter 
crescentus, xylose dehydrogenase catalyzes the conversion of xylose to xylonolactone, 
which is then converted to either α-ketoglutaric semialdehyde via the Weimburg pathway or 
to glucoaldehyde and pyruvate via the Dahms pathway (110). 
The metal-reducing facultative anaerobe Shewanella oneidensis displays a variety 
of diverse metabolic systems that couple the oxidation of a wide variety of electron donors 
(7) to the reduction of a set of electron acceptors whose redox potentials span nearly the 
entire continuum of potentials encountered in nature (8). Recently, the list of electron 
donors has been expanded to include glucose and glycerol through adaptive evolution and 
metabolic engineering (9-11).  Genes encoding canonical xylose metabolic pathways, 
however, are missing from the S. oneidensis genome (115).  
!
1.1.7 Adaptive evolution 
!
 Adaptive evolution is the process by which stresses that are not directly 
mutagenic activate mechanisms for inducing mutations, even in non-growing cells 
(stress-induced or stationary-phase mutagenesis). In adaptive evolution, mutations arise 
under selective pressure and a subset of the cell population acquires a mutation that 
facilitates growth under new environmental conditions (116).  Adaptive evolution is 
extremely useful for strain improvement in the field of metabolic engineering (117-119) 
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since apriori knowledge of the targeted metabolic process is not required (108). 
Organisms incubated in the presence of non-natural carbon sources, for example, may 
develop a mutator population that acquires genetic mutations at high frequency. Mutator 
cells include ‘growth advantage in stationary phase’ (GASP) mutants in which genetic 
alterations in small cell populations display a higher competitive advantage over weaker 
cells (120). Therefore, existing metabolic pathways in organisms can be modified to 
utilize novel carbon sources. The acquisition of new metabolic functions requires 
mutations that occur during adaptive evolution process(121). 
Adaptive evolution approach can be applied to generate S. oneidensis mutants that 
metabolize xylose as sole carbon and energy source. In adaptive evolution, mutations arise 
under selective pressure and a subset of the cell population acquires a mutation that 
facilitates growth under a new set of environmental conditions (116). Adaptive evolution is 
a useful strategy for strain improvement in metabolic engineering (117-119) since apriori 
knowledge of the targeted metabolic process is not required (108).  The remarkable 
metabolic flexibility displayed by S. oneidensis (122) led us to hypothesize that under 
selective growth conditions S. oneidensis mutator cells may acquire xylose metabolic 
capability.   
 
1.2 Research objectives 
The main objectives of this thesis were,  
Chapter 2: 
i) design a microbially-driven Fenton reaction that autocatalytically generated HO! radicals 
and degraded 1,4-dioxane at circumneutral pH without the need for continual addition of 
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exogenous H2O2 or UV irradiation to regenerate Fe(II), ii) optimize the 1,4-dioxane 
degradation rates by varying the duration and frequency of the aerobic and anaerobic 
incubation periods, and iii) determine the pathway for 1,4-dioxane degradation by identifying 




 (i) design a new fed batch, microbially-driven Fenton reaction system that minimizes 
contaminant loss due to volatility by separating the Fe(II)-generating, H2O2-generating, 
and contaminant degradation phases and ii) apply the new microbially-driven Fenton 
reaction system to simultaneously degrade single, binary, and ternary mixtures of TCE, 
PCE, and 1,4-dioxane. 
 
Chapter 4:  
(i) Apply a microbially-driven Fenton reactor system to directly pretreat and hydrolyze 




(i) Adaptively evolve S. oneidensis to metabolize xylose as carbon and energy source, (ii) 
identify the enzymes mutated in the adaptively evolved xylose catabolic pathway in S. 
oneidensis, (iii) determine the ability of the xylose-adapted strain to grow aerobic and 
anaerobically with xylose as sole electron donor, and (iv) genetically engineer xylose-
!
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adapted S. oneidensis mutants to express the PHB biosynthesis genes (phaCAB) of R. 
eutropha and produce PHB with xylose as carbon and energy source. 
 
1.3 Scope of thesis 
In the present study, we have successfully designed a novel microbially-driven Fenton 
reaction system to generate hydroxyl (HO!) radicals for the degradation of organic 
contaminants including 1,4-dioxane, TCE and PCE and the degradation of lignocellulosic 
biomass to produce simple sugars. The new Fenton reaction system was driven by the 
Fe(III)-reducing facultative anaerobe Shewanella oneidensis amended with lactate, 
Fe(III), and contaminant mixtures and exposed to alternating anaerobic and aerobic 
conditions. Chapter 2 describes the microbially driven fenton degradation of 1,4-dioxane 
to produce transient intermediates including acetate and oxalate. Chapter 3 describes the 
design of a novel fed batch microbially driven fenton reaction to simultaneously degrade 
mixtures of 1,4-dioxane and volatile organic contaminants TCE and PCE. Chapter 4 
describes the application of the designed microbially driven fenton reaction to pretreat 
and hydrolyze cellulose and hemicellulose to produce short-chain sugar oligosaccharides. 
Chapter 5 describes the activation of an otherwise silent xylose metabolic pathway in S. 
oneidensis. This work also includes the production of polyhydroxybutyrate (PHB) from a 
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MICROBIALLY DRIVEN FENTON REACTION FOR DEGRADATION OF 
THE WIDESPREAD ENVIRONMENTAL CONTAMINANT 1,4-DIOXANE 
 
Abstract 
The carcinogenic cyclic ether compound 1,4-dioxane is employed as a stabilizer of 
chlorinated industrial solvents and is a widespread environmental contaminant in surface water 
and groundwater.   In the present study, a microbially-driven Fenton reaction was designed to 
autocatalytically generate hydroxyl (HO!) radicals that degrade 1,4-dioxane.  In comparison to 
conventional (purely abiotic) Fenton reactions, the microbially-driven Fenton reaction operated 
at circumneutral pH and did not the require addition of exogenous H2O2 or UV irradiation to 
regenerate Fe(II) as Fenton reagents. The 1,4-dioxane degradation process was driven by pure 
cultures of the Fe(III)-reducing facultative anaerobe Shewanella oneidensis manipulated under 
controlled laboratory conditions.  S. oneidensis batch cultures were provided with lactate, Fe(III), 
and 1,4-dioxane and were exposed to alternating aerobic and anaerobic conditions. The 
microbially driven Fenton reaction completely degraded 1,4-dioxane (10 mM initial 
concentration) in 53 h with an optimal aerobic-anaerobic cycling period of 3 h.  Acetate and 
oxalate were detected as transient intermediates during the microbially-driven Fenton 
degradation of 1,4-dioxane, an indication that conventional and microbially-driven Fenton 
degradation processes follow similar reaction pathways.  The microbially-driven Fenton reaction 
provides the foundation for development of alternative in situ remediation technologies to 
degrade environmental contaminants susceptible to attack by HO! radicals generated by the 
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The carcinogenic cyclic ether compound 1,4-dioxane is detected in a variety of 
contaminated surface waters and groundwaters(1-5). 1,4-dioxane has been employed as a 
stabilizing agent for chlorinated solvents in the textile and paper industries(6, 7) and as a 
byproduct of surfactant and polyethylene terephthalate plastic manufacturing processes(8-10).  
1,4-dioxane is completely miscible in water, semi-volatile, and is thus highly mobile in water or 
aqueous environments. Current 1,4-dioxane remediation technologies such as carbon absorption, 
air stripping, and distillation are limited by problems associated with 1,4-dioxane solubility, 
boiling point, and vapor pressure, respectively(11). Alternate methods such as photo-remediation 
by UV light, ozone destruction in the presence of hydrogen peroxide (H2O2), and ultrasonic 
destruction are not cost effective remediation strategies(12, 13). 
Bioremediation is a promising alternative method for in situ remediation of 1,4-
dioxane-contaminated waters. 1,4-dioxane may be degraded microbially via metabolic or 
cometabolic reactions. Microbial degradation is carried out aerobically by mixed microbial 
communities in industrial sludge(14, 15), and 1,4-dioxane-degrading bacteria have been 
isolated.(16-19) Only a limited number of studies have examined microbial degradation of 1,4-
dioxane under anaerobic conditions, and the degradation rates under nitrate-, iron-, and sulfate-
reducing conditions are exceedingly slow(20).  Ex situ treatment of 1,4-dioxane-contaminated 
ground water involves pumping and treatment via advanced oxidation processes (AOPs)(21-24). 
In the Fenton reaction (equation 1), H2O2 reacts with ferrous iron (Fe(II)) to produce ferric iron 
(Fe(III)), hydroxyl ion (OH-), and hydroxyl radical (HO!):  
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Fe(II) + H2O2 → Fe(III) +
-OH + HO! (1) 
Due to their high oxidation potential, Fenton reaction-generated HO! radicals oxidatively degrade 
a wide variety of hazardous organic compounds, including landfill leachates(25), chlorinated 
aliphatics and aromatics(26), dry-cleaning solvents(27), pharmaceuticals(28), pentachlorophenol 
(PCP)(29, 30), tetrachloroethene (PCE)(23), trichloroethene (TCE)(31) and 1,1,2-trichloroethane 
(TCA)(32).  Fenton reaction-driven AOPs have also recently attracted attention as an alternative 
means for degrading 1,4-dioxane(33-36).  Fenton reaction-driven AOPs are expensive, however, 
since the Fenton reagents Fe(II) and H2O2 must be continuously supplied to drive the chemical 
degradation reaction. UV irradiation is often employed to induce Fe(III) reduction and photolytic 
radical production in photo-Fenton systems. The UV irradiation systems, however, are limited by 
UV light penetration(37), and H2O2 must still be continuously supplied to drive the Fenton 
degradation reaction. 
  Microbially-driven Fenton reactions based on production of H2O2 via microbial O2 
respiration and Fe(II) via microbial Fe(III) reduction alleviate the need for continual addition 
of H2O2 and Fe(II) that drive the chemical Fenton reaction(36, 38, 39). The microbially-
driven Fenton reaction designed in the present study was based on the original observation 
that the Fe(III)-reducing facultative anaerobe Shewanella oneidensis liquefied the agar 
support directly beneath colonies grown aerobically on solid growth medium supplemented 
with Fe(III)(40).  Under such conditions, high microbial O2 consumption rates directly 
beneath the colony effectively lower the O2 concentrations to levels that permit simultaneous 
microbial Fe(III) reduction(41), concomitant production of the Fenton substrates H2O2 and 
Fe(II), and agar liquefaction via the resulting HO! radicals (Fig. 2.1).  The agar liquefaction 
phenotype was subsequently employed as the basis of a genetic screening technique for 
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identification of Fe(III) reduction-deficient mutant strains and the corresponding genes 
required for microbial Fe(III) reduction(40, 42). 
The main objectives of the present study were to i) design a microbially-driven 
Fenton reaction that autocatalytically generated HO! radicals and degraded 1,4-dioxane at 
circumneutral pH without the need for continual addition of exogenous H2O2 or UV irradiation 
to regenerate Fe(II), ii) optimize the 1,4-dioxane degradation rates by varying the duration and 
frequency of the aerobic and anaerobic incubation periods, and iii) determine the pathway for 
1,4-dioxane degradation by identifying the transient intermediates produced during the 
microbially-driven 1,4-dioxane degradation process. 
 
 
Figure 2.1. Overall strategy for generation of HO! radicals by the S. oneidensis-driven 
Fenton reaction. Fe(II) produced during anaerobic phases interacts chemically via the 
Fenton reaction with H2O2 produced during aerobic phases to yield HO! radicals that 





2.2 Materials And Methods 
Culture Medium and Chemical Reagents.  S. oneidensis was routinely cultured 
aerobically on LB medium (10 g/L tryptone, 5 g/L yeast extract, and 10 g/L NaCl)(43). 1,4-
dioxane degradation experiments were conducted in a lactate (10 mM)-supplemented minimal 
salt solution (LS; pH 7.0, Supplementary Table 2.S4)(30, 44). Fe(III) citrate was prepared by 
previously described methods(40) and added at a final concentration of 10 mM. 1,4-dioxane, 
acetonitrile, sodium glyoxylate, ferrozine, heptafluorobutyric acid, tetrabutylammonium 
hydroxide, mannitol, sodium acetate, sodium oxalate, sodium lactate, sodium formate and 
thiourea were obtained from Sigma-Aldrich. Sodium glycolate was obtained from Acros 
Organics. Ethylene glycol diformate were obtained from Frinton Laboratories, Inc. 
 
Design of a Microbially Driven Fenton Reaction for 1,4-Dioxane Degradation.  
The toxicity of 1,4-dioxane to S. oneidensis was tested by growing batch cell cultures in the 
presence of potential source zone levels (10 mM) of 1,4-dioxane in LS medium under aerobic 
conditions for 48 h. Culture samples were withdrawn periodically during the toxicity tests and 
the number of colony forming units (CFUs) were measured to monitor cell viability.  The 
experimental conditions for the microbially-driven Fenton degradation of 1,4-dioxane 
(designated DD conditions in the remainder of the present study) consisted of S. oneidensis batch 
cultures amended with Fe(III) and 1,4-dioxane and exposed to different aerobic/anaerobic 
cycling periods.  S. oneidensis was grown aerobically in LB on a rotary shaker (200 rpm, 30 °C) 
to early stationary phase (OD600 = 1.5), harvested by centrifugation at 6000 x g, washed and 
resuspended in LS medium to a final cell density of 1 x 109 cells per ml. Anaerobic stock 
solutions of Fe(III) citrate and 1,4-dioxane were added to final concentrations of 10 mM each. 
The cell culture was allowed to reduce Fe(III) citrate for pre-selected time periods (45 min, 1.5 h, 
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3 h, and 6 h) under anaerobic conditions maintained by continuously sparging with hydrated 
high-purity nitrogen. Reactor temperature (25°C) and pH (7.0) were held constant in all 
experiments. Aerobic conditions were initiated by sparging the culture with hydrated compressed 
air for pre-selected time periods (45 min, 1.5 h, 3 h, and 6 h).  Cell density was monitored by 
determining CFUs on LB agar plates incubated at 30 °C for 72 h.  
Analytical Techniques. HCl-extracted Fe(II) concentrations were determined with a 
previously described Ferrozine-based detection technique(45). H2O2 concentrations were 
determined using a previously described spectrophotometric assay(46):  a solution consisting of 
400 mM KI, 50 mM NaOH, and 170 µM of ammonium molybdate tetrahydrate was mixed with 
equal volume of 100 mM potassium hydrogen phthalate. Samples were added and absorbance of 
the resulting solution was measured at 350 nm to determine H2O2 concentration.  H2O2 
spectrophotometric measurements were not possible in Fe(III)-containing LS medium due to 
Fe(III) interference.  Calibration curves were generated from standards to determine the H2O2 
concentrations.  H2O2 concentrations were monitored under a variety of conditions, including i) 
DD conditions with Fe(III) omitted and aerobic/anaerobic cycling periods of 45 min, 1.5 h, 3 h, 6 
h, ii) strictly aerobic conditions,  and iii) abiotic Fe(II) oxidation experiments in which 10 mM 
bacterially-produced Fe(II)(obtained by microbial Fe(III) reduction) was subjected to strictly 
aerobic conditions for 74 h. 
Chemical Analysis of 1,4-Dioxane, Lactate, and Transient Degradation Products. 
Samples were withdrawn and centrifuged at 6000 x g for 10 min. 1,4-dioxane and ethylene 
glycol diformate were analyzed via liquid chromatography (LC) using a ZORBAX SB-C18 
column with 20% aqueous acetonitrile as the mobile phase and a constant flow rate of 1.0 
ml/min(18). Chromatograms were generated at 190 nm for 1,4-dioxane at a retention time of 2.4 
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min and at 210 nm for ethylene glycol diformate at a retention time of 3.1 min(24). Lactate, 
acetate, formate, glyoxylate, glycolate and oxalate were analyzed via an ion chromatograph (IC) 
(Dionex, DX-300 Series) equipped with a Dionex IonPac® ICE-AS6 chromatography column 
and AMMS® ICE 300 suppressor. The Dionex DX-300 uses a CDM II detector with suppressed 
conductivity detection. Anion analysis was performed with 0.4 mM heptafluorobutyric acid as 
eluent and 5 mM tetrabutylammonium hydroxide as regenerant. Chromatograms were generated 
for lactate, acetate, oxalate, formate, glyoxylate, and glycolate at retention times of 10.0, 13.3, 
4.3, 9.3, 6.5, and 9.0 min, respectively.  Calibration curves were generated from standards to 
determine the concentrations of each compound.  
Inhibition of the Microbially-Driven Fenton Reaction. A series of five control 
experiments were carried out to confirm that 1,4-dioxane was degraded by HO! radicals 
generated by the S. oneidensis-driven Fenton reaction. All five control experiments were carried 
out under DD conditions, with the following noted changes: In the first set of control 
experiments, 1,4-dioxane degradation was monitored under identical alternating 
aerobic/anaerobic periods with 15 mM NO3- replacing Fe(III) as electron acceptor. In the second 
set of control experiments, the HO! radical scavenging compounds mannitol (120 mM) and 
thiourea (40 mM) were added to reactors carrying out an otherwise identical 1,4-dioxane 
degradation process.(30) The toxicity of mannitol (120 mM) and thiourea (40 mM) to S. 
oneidensis was tested by growing batch cell cultures in the presence of the HO! radical 
scavenging compounds in LS medium under aerobic conditions for 48 h. In the third set of 
control experiments, 1,4-dioxane degradation was monitored under DD conditions with either 
Fe(III) citrate, 1,4-dioxane, or cells (abiotic control) omitted.  In the fourth set of control 
experiments, 1,4-dioxane concentration was monitored in abiotic sealed anaerobic bottles to 
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examine the effects of hydrated compressed air and nitrogen gas flow on volatilization of 1,4-
dioxane during the aerobic and anaerobic phases, respectively. In the fifth set of control 




H2O2 production by S. oneidensis.  In iron-free LS medium, S. oneidensis batch 
cultures produced approximately 24.5 µM H2O2 (presumably as a by-product of microbial 
aerobic respiration) under either strictly aerobic conditions for 74 h or with alternating 
aerobic/anaerobic periods of 3 h and 6 h (Fig. 2.2). Under aerobic/anaerobic cycling periods of 
45 min and 1.5 h, S. oneidensis produced 2.3 µM and 6.7 µM H2O2, respectively (Fig. 2.2). 
During the first aerobic phase, H2O2 production rates under strictly aerobic conditions or with 
alternating aerobic/anaerobic periods of 3 h and 6 h were similar (4.6-5.6 µM). However, H2O2 
production rates with alternating aerobic/anaerobic cycling periods of 45 min and 1.5 h were 4-
fold lower (1.2 µM) compared to the strictly aerobic and 3 h and 6 h aerobic/anaerobic cycling 
conditions (Fig. 2.2). During the second aerobic phase, H2O2 production rates with the 3 h and 6 
h aerobic/anaerobic cycling periods decreased 5-fold and were similar to H2O2 production rates 
with aerobic/anaerobic cycling periods of 45 min and 1.5 h (0.8-1.3 µM) (Fig. 2.2). During the 
third aerobic phase, H2O2 production rates with aerobic/anaerobic cycling periods of 45 min, 1.5 
h, 3 h, and 6 h were similar (0.4-0.9 µM) (Fig. 2.2). H2O2 was not detected during abiotic Fe(II) 






Figure 2.2. H2O2 production by S. oneidensis held under strictly aerobic conditions or with 
aerobic/anaerobic cycling periods of 45 min, 1.5 h, 3 h and 6 h: red " , 6 h cycling; blue # , 
3 h cycling; black ▲, 1.5 h cycling; green ! , strict aerobic; orange ×, 45 min cycling.  
 
1,4-Dioxane Degradation by the Microbially-Driven Fenton Reaction. To initiate 
HO! radical production by the S. oneidensis-driven Fenton reaction (Fig. 2.1), Fe(III)-containing 
S. oneidensis cultures were exposed to alternating aerobic/anaerobic periods of 45 min, 1.5 h, 3 
h, and 6 h (Fig. 2.3 and Supplementary Figs. 2.S3, 2.S4, and 2.S5). During the initial 3 h 
anaerobic and ensuing 3 h aerobic periods, 1,4-dioxane concentrations decreased 2.4 mM in the 
incubation under DD conditions (Fig. 2.3b). However, 1,4-dioxane concentrations also decreased 
1.5 mM in control DD incubations lacking Fe(III) or S. oneidensis cells (Fig. 2.3b). The decrease 
in 1,4-dioxane concentrations in the control incubations was attributed to 1,4-dioxane 
volatilization during hydrated compressed air and nitrogen inputs. To address this possibility, a 
series of additional control experiments were carried out in which 1,4-dioxane concentrations 
were monitored under DD conditions with S. oneidensis cells omitted and subjected to a series of 
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five 3 h anaerobic/aerobic cycling periods for 74 h (Fig. 2.3b). 1,4-dioxane concentrations 
decreased 46% (from 12.0 to 6.5 mM) during the first 9 h of the 74 h incubations. On the other 
hand, in control incubations held under strict anaerobic conditions for 74 h without hydrated 
compressed air or nitrogen inputs, 1,4-dioxane concentrations remained constant at 10.0 mM 
(Fig. 2.3b). These results indicate that during the first 9 h of the 74 h control incubations 
(consisting of alternating 3 h aerobic/anaerobic cycling periods) 1,4-dioxane concentrations 
decreased approximately 46% (to 5.5 mM) due to 1,4-dioxane volatilization. In a similar manner, 
1,4-dioxane volatilization in control reactions with alternating compressed air and nitrogen 
inputs during the 45 min, 1.5 h and 6 h aerobic/anaerobic cycling experiments resulted in 
decreases of approximately 35%, 37% and 50% of the initial 1,4-dioxane concentrations, 
respectively (Supplementary Figs. 2.S4-b, 2.S3-b  and 2.S5-b respectively). 
During the first 3 h anaerobic period under DD conditions, S. oneidensis reduced 10.0 
mM Fe(III) to 1.1 mM Fe(II) (grey shaded area in Figs. 2.2a-b, 2.3a-c, 2.4a-b, 2.5a-c and 
Supplementary Figs. 2.S2, 2.S3a-f, 2.S4a-f, 2.S5a-f). At the 3-h mark, compressed nitrogen gas 
input was switched to compressed air, Fe(II) was oxidized for a 3 h incubation period (unshaded 
area in Figs. 2.2a-b, 2.3a-c, 2.4a-b, 2.5a-c and Supplementary Figs. 2.S2, 2.S3a-f, 2.S4a-f, 2.S5a-
f), and Fe(II) levels dropped to below detection limits at the 6-h time point. During the ensuing 3 
h anaerobic period, Fe(II) rebounded from below detection limits to 5.5 mM (microbial Fe(III) 
reduction rate of 0.3 mM/h). At the 9-h time point, 1,4-dioxane volatilization stopped (even 
though compressed nitrogen inputs were continued to ensure anaerobic conditions for the 
ensuing 18 h) and 1,4-dioxane concentrations remained constant at 7.0 mM (i.e., corresponding 
to the observed volatilization losses of 6.5 mM 1,4-dioxane during the initial 9 h period). After 
the ensuing 3 h aerobic period (24-h time point), Fe(II) levels decreased from 5.5 to 2.6 mM (O2-
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catalyzed Fe(II) oxidation rate of 1.0 mM/h). After the next 3 h anaerobic period (27-h time 
point), the Fe(II) concentrations again rebounded to 5.5 mM (microbial Fe(III) reduction rate of 
1.1 mM/h). During the 9 h time period between the 24-h and 33-h time points, 1,4-dioxane 
concentrations decreased rapidly to 1 mM (0.6 mM/hr). However, in control incubations carried 
out under DD conditions but lacking S. oneidensis cells or Fe(III), 1,4-dioxane concentrations 
remained constant at 7.0 mM and remained at that concentration throughout the remainder of the 
74 h incubation.  At the 49-h time point, the incubations under DD conditions were subjected to 
two additional alternating 3 h anaerobic/aerobic cycling periods that resulted in production of 6.3 
mM Fe(II) (71-h time point; microbial Fe(III) reduction rate of 0.2 mM/h) followed by a 
decrease in Fe(II) concentrations to 2.2 mM (74-h time point; O2-catalyzed Fe(II) oxidation rate 
of 1.4 mM/h) (Fig 2.2a). 1-4 dioxane concentrations decreased to below detection limits at the 
53-h time point and remained below detection limits (0.2 mM; Supplementary Table 2.S3) 
throughout the remainder of the 74 h incubation.  
Similar patterns of microbial (S. oneidensis-catalyzed) Fe(III) reduction and chemical 
(O2-catalyzed) Fe(II) oxidation were observed in analogous experiments carried out with 45 min, 
1.5 h, 3h, and 6 h aerobic/anaerobic cycling periods (Supplementary Figs. 2.S4-A, 2.S3-A and 
2.S5-A respectively). Compared to the 3 h aerobic/anaerobic cycling experiments, 1,4-dioxane 
degradation rates were 34% slower during the 1.5 h aerobic/anaerobic cycling experiment 
(Supplementary Fig. 2.S3-b). 1,4-Dioxane was not degraded (i.e., depletion was only due to 
volatilization) during the 45 min aerobic/anaerobic cycling experiment (Supplementary Fig. 
2.S4-b). However, 1,4-dioxane degradation rates with 3 h and 6 h aerobic/anaerobic cycling 
periods were nearly identical (Fig. 2.3b and Supplementary Fig. 2.S5-b).  
Cell viability analyses indicated that S. oneidensis cell densities decreased 
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approximately 70% during the 3 h anaerobic periods, yet rebounded to initial cell densities (109 
cells/ml) during subsequent 3 h aerobic periods (Supplementary Figs. 2.S2, 2.S3-f and 2.S4-f). 
To test for 1,4-dioxane toxicity, S. oneidensis was grown aerobically in LS growth medium 
supplemented with 10 mM 1,4-dioxane. Aerobic growth rates in the presence or absence of 1,4-
dioxane were nearly identical, an indication that 10 mM 1,4-dioxane was not toxic to S. 
oneidensis (Supplementary Fig. 2.S1).  Although cell densities decreased approximately 70% 
during the 3 h anaerobic incubation periods, lactate was consumed at similar rates (0.21 mM/h) 
during the 3 h aerobic and anaerobic cycling periods. Lactate was not depleted in abiotic control 












Figure 2.3. Fe(II) and 1,4-dioxane concentrations during microbially-driven Fenton 
degradation of 1,4-dioxane (10 mM initial concentration) with an aerobic/anaerobic 
cycling period of 3 h:  (a) Fe(II); (b) 1,4-dioxane; red " , cells + 1,4-dioxane + Fe(III); 
blue # , S. oneidensis cells omitted; black ▲, 1,4-dioxane omitted; green ×,Fe(III) 
omitted; dashed red " , No Gas control.  Grey shaded areas correspond to anaerobic 
phases and unshaded areas correspond to aerobic phases. Incubations were carried out 
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in two parallel yet identical cultures and error bars indicate range of error between 
incubations. 
!
Inhibition of the Microbially-Driven 1,4-Dioxane Degradation Process. To 
determine if HO! radical scavenging compounds inhibited the microbially-driven Fenton 
reaction, a series of control incubations were carried out under DD conditions in the presence of 
the HO! radical scavenging compounds mannitol (120 mM) or thiourea (40 mM) (Fig. 2.5b).  
1,4-dioxane concentrations in all incubations decreased to 6.0 mM during the initial 9 h aerobic 
and anaerobic cycling periods (due to 1,4-dioxane volatility; as described above). 1,4-dioxane 
was degraded to below detection limits (0.2 mM; Supplementary Table 2.S3) after 53 h of 
alternating 3 h aerobic/anaerobic cycling periods in the absence of mannitol or thiourea (Fig. 
2.5b), while 1,4-dioxane remained constant at 6.0 mM in the presence of mannitol or thiourea. 
To test for toxicity effects of mannitol and thiourea, S. oneidensis was grown aerobically in LS 
growth medium supplemented with mannitol (120 mM) or thiourea (40 mM). Aerobic growth 
rates in the presence or absence of mannitol or thiourea were nearly identical, an indication that 
these compounds were not toxic to S. oneidensis (Supplementary Fig. 2.S6).  The ability of the 
HO! radical scavenging compounds mannitol and thiourea to inhibit 1,4-dioxane degradation 
indicates that HO! radicals are involved in the microbially-driven 1,4-dioxane degradation 
process.  
The requirement for microbial Fe(III) reduction was tested by replacing Fe(III) with 
NO3- and carrying out an otherwise identical set of DD experiments with NO3--containing S. 
oneidensis cultures subjected to alternating 3 h aerobic/anaerobic cycling periods. 1,4-dioxane 
was not degraded with NO3- as electron acceptor (Fig. 2.5b), nor was 1,4-dioxane degraded in 
the absence of Fe(III) or S. oneidensis cells (Fig. 2.3b). These results indicate that microbial 
!
44!
Fe(III) reduction was required to drive the 1,4-dioxane degradation process.  In all control 
incubations, lactate was consumed at similar rates (0.21 mM/h) under either strictly aerobic or 
anaerobic Fe(III)-reducing conditions. Lactate concentrations remained constant in 74 h abiotic 
control incubations held under strictly aerobic or anaerobic conditions (Fig. 2.6a). Apart from the 
45% loss due to volatilization, 1,4-dioxane was not degraded under strictly aerobic conditions, 




Figure 2.4. Lactate, acetate, and oxalate concentrations during microbially-driven 
Fenton degradation of 1,4-dioxane (10 mM) with an aerobic/anaerobic cycling period of 
3 h: (a) lactate; (b) acetate; (c) oxalate; red " , cells + 1,4-dioxane + Fe(III); blue # , S. 
oneidensis cells omitted; black ▲, 1,4-dioxane omitted; green ×,Fe(III) omitted.  Grey 
shaded areas correspond to anaerobic phases and unshaded areas correspond to 
aerobic phases. Incubations were carried in two parallel yet identical cultures and error 
















Figure 2.5. Fe(II) and 1,4-dioxane concentrations during the microbially-driven Fenton 
degradation of 1,4-dioxane (10 mM) with an aerobic/anaerobic cycling period of 3 h in 
the presence of inhibitors:  (a) Fe(II); (b) 1,4-dioxane; red " , S. oneidensis cells + 1,4-
dioxane + Fe(III); orange +, mannitol; brown ! , thiourea; green ×, nitrate.  Grey 
shaded areas correspond to anaerobic phases and unshaded areas correspond to 
aerobic phases. Incubations were carried out in two parallel yet identical cultures and 





Identification of Transient 1,4-Dioxane Degradation Products During the 
Microbially-Driven Fenton Reaction. The major transient 1,4-dioxane degradation products 
detected during conventional (purely abiotic) Fenton reactions include formate, glycolate, 
glyoxylate, ethylene glycol diformate, acetate, and oxalate, which are produced by HO! radical 
attack of 1,4-dioxane with the α-oxy radical as key intermediate(36). With LC/UV-DA and IC 
detection methods, only acetate and oxalate were detected as transient 1,4-dioxane degradation 
products during the microbially-driven Fenton reaction. In the first 3 h anaerobic period, 0.7 mM 
acetate (at a rate of 0.24 mM/h) was produced under DD conditions, while acetate concentrations 
remained below detection limits (40.38 µM) in DD control incubations lacking S. oneidensis 
cells or Fe(III) or in the presence of HO! scavenging compounds (Fig. 2.4b). During the ensuing 
3 h aerobic period of all biotic incubations, acetate concentrations increased at similar rates (0.08 
mM/h) (Fig. 2.4b), presumably due to the microbially catalyzed aerobic oxidation of lactate. 
Acetate concentrations remained constant during the next 18 h anaerobic period. Upon 
introduction of compressed air at the 24-h time point under DD conditions, acetate 
concentrations increased rapidly at the rate of 0.81 mM/h (Fig. 2.4b). During this same time 
period, 1,4-dioxane concentrations decreased sharply (0.33 mM/h) as compared to decreases in 
1,4-dioxane concentrations (0.07 mM/h) in DD control incubations lacking S. oneidensis cells or 
Fe(III) (Fig. 2.3b). 
 During the next set of aerobic/anaerobic cycling periods, acetate concentrations 
decreased sharply from 3.6 mM to 2.1 mM at the 33-h time point (0.25 mM/h). At the 49-h time 
point, acetate production rates (1.13 mM/h) under DD conditions increased approximately 45% 
compared to DD control incubations (0.80 mM/h) lacking S. oneidensis cells or Fe(III). Higher 
acetate production rates are most likely due to 1,4-dioxane (and not lactate) degradation since 
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lactate had been completely depleted by the 46-h time point (Figs. 2.3b and 2.5b). Since lactate 
was also completely depleted in all reactions containing S. oneidensis cells, microbial oxidation 
of lactate to acetate most likely contributed to acetate production (Figs. 2.3a and 2.5a). Acetate 
concentrations in the incubations containing the HO! radical scavenging compounds mannitol or 
thiourea, however, remained constant at 1-2 mM throughout the 74 h incubation period (Fig. 
2.6b). In addition, the total acetate produced under DD conditions with 3 h aerobic/anaerobic 
cycling periods was 7.7 mM (approximately 2-fold greater than that detected in the control 
incubations (2.5-4.9 mM) (Table 2.1). The 2-to-3-fold greater amount of acetate produced in the 
presence of 1,4-dioxane was reflected in the 2-to-4-fold greater amount of 1,4-dioxane degraded 
in the microbially-driven Fenton reaction compared to DD control incubations lacking S. 
oneidensis cells or Fe(III) or in the presence of mannitol or thiourea (Table 2.1). Similar results 
were obtained in DD incubations with aerobic/anaerobic cycling frequencies of 1.5 h, 45 min, 
and 6 h (Supplementary Table 2.S1).  
Approximately 4 µM oxalate was produced during the initial set of 3 h 
aerobic/anaerobic cycling periods under DD conditions, while oxalate was not detected in DD 
control incubations lacking S. oneidensis cells or Fe(III) (Figs. 2.3c and 2.5c). At the 24-h time 
point, oxalate concentrations under DD conditions steadily increased to 13.0 µM at a rate of 2.2 
µM/h. At the 33-h time point, strictly anaerobic conditions were held for the ensuing 18 h and 
oxalate concentrations increased to 17.7 µM at a rate of 0.9 µM/h (2-fold greater than control 
incubations lacking S. oneidensis cells or Fe(III)). At the 46-h time point, oxalate concentrations 
increased further to 24.5 µM during the 3 h aerobic incubation period (Figs. 2.3c and 2.5c). 
Approximately 0.04 mM oxalate was produced under DD conditions (2-to-4-fold greater than 
control incubations lacking S. oneidensis cells or Fe(III), Table 2.1). Results similar to those of 
!
49!
the 3 h aerobic/anaerobic cycling period experiments were obtained with aerobic/anaerobic 
cycling periods of 45 min, 1.5 h, and 6 h (Supplementary Figs. 2.S3e, 2.S4e, 2.S5e and 
Supplementary Table 2.S1).  
 
A carbon mass balance was also carried out to account for total carbon input and 
output during the microbially-driven Fenton reaction. Total carbon input under DD conditions 
(except in controls where 1,4-dioxane was omitted) was 70 mmol. Total carbon output (acetate 
plus oxalate) under DD conditions was 15.4 mmol and the corresponding carbon input from 1,4-
dioxane degradation was 43.2 mmol. The 2-to-4-fold greater amounts of 1,4-dioxane degraded 
under DD conditions were reflected in a 2-to-3-fold greater total carbon output (acetate plus 
oxalate) compared to the DD control incubations carried out in the absence of 1,4-dioxane or in 
the presence of 1,4-dioxane and the HO! scavenging compounds mannitol or thiourea (Table 
2.2). Similar observations were made under DD conditions with aerobic/anaerobic cycling 
frequencies of 1.5 h, 45 min and 6 h (Supplementary Table 2.S2). Total carbon input (lactate plus 
1,4-dioxane) did not completely account for total carbon output (acetate plus oxalate), most 
likely due to further reaction of acetate and oxalate with HO! radicals and the resulting 









Table 2.1. Substrate degradation and transient intermediate production during the 
microbially-driven Fenton degradation of 1,4-dioxane a 
 
 3 h cycling 
 
Degraded (mM) Produced (mM) 
1,4-Dioxane Lactate Acetate Oxalate 
Cells + 1,4-dioxane+Fe(III) 10.8 ± 0.6 11.1 ± 0.6 7.7 ± 0.8 0.04 ± 0.002 
Cells omitted 6.3 ± 0.4 1 ± 0.3 0 0 
1,4-Dioxane omitted 0 11.4 ± 0.4 4.8 ± 0.4 0.01 ± 0.002 
Fe(III) omitted 6 ± 0.2 10.5 ± 0.1 3.9 ± 0.4 0.03 ± 0.004 
Mannitol 2.8 ± 0.5 9.3 ± 0.3 2.8 ± 0.3 0.01 ± 0.009 
Thiourea 3 ± 0.01 9.5 ± 0.03 4.7 ± 0.6 0.01 ± 0.004 
Nitrate 2.8 ± 2.4 9.5 ±0.1 2.5 ± 0.3 0.01 ± 0.006 
 
a Incubations were carried in two parallel yet identical cultures and error bars indicate range 
of error between incubations. 
 
Table 2.2. Total input and output carbon detected during the microbially-driven  
Fenton degradation of 1,4-dioxane a 
 3 h cycling 
 Input Carbon (mmol) Output Carbon (mmol) 
 Lactate + 1,4-Dioxane 
1,4-Dioxane 
degraded Acetate Oxalate 
Cells+1,4-dioxane+Fe(III) 70 43.2 ± 2.5 15.4 ± 1.6 0.08 ± 0.004 
Cells omitted 70 25.2 ± 1.6 0 0 
1,4-Dioxane omitted 30 0 9.6 ± 0.8 0.02 ± 0.004 
Fe(III) omitted 70 24 ± 0.7 7.8 ± 0.8 0.06 ± 0.008 
Mannitol 70 11 ± 2 5.6 ± 0.6 0.02 ± 0.018 
Thiourea 70 12 ± 0.04 9.4 ± 1.2 0.02 ± 0.008 
Nitrate 70 11.2 ± 9.6 5 ± 0.6 0.02 ± 0.012 
 
a Incubations were carried in two parallel yet identical cultures and error bars indicate range 






In the present study, a microbially-driven Fenton reaction was designed to degrade 
the widespread environmental contaminant 1,4-dioxane.  The microbially-driven Fenton reaction 
autocatalytically generated HO! radicals that degraded 1,4-dioxane at circumneutral pH without 
the need for continual addition of exogenous H2O2 or UV irradiation to regenerate Fe(II) as 
Fenton reagents. The 1,4-dioxane degradation process was driven by pure cultures of the Fe(III)-
reducing facultative anaerobe S. oneidensis provided with lactate as carbon and energy source, 
Fe(III) as electron acceptor, and exposed to alternating aerobic and anaerobic conditions. H2O2 
produced during the aerobic period was most likely the byproduct of microbial aerobic 
respiration since H2O2 was not detected during abiotic O2-catalyzed Fe(II) oxidation 
experiments. Alternate aerobic/anaerobic cycling periods of 3 h and 6 h resulted in the maximum 
rate and extent of H2O2 production, both of which were nearly identical to the rate and extent of 
H2O2 production under strictly aerobic conditions.  H2O2 production with 45 min and 1.5 h 
cycling periods resulted in lower rates and extents of H2O2 production (Fig. 2.2).  During the 
transition from anaerobic-to-aerobic conditions, S. oneidensis batch cultures displayed lag times 
in H2O2 production.  H2O2 production rates were maximal during the 3 h and 6 h 
aerobic/anaerobic cycling periods, but 3-to-10-fold lower during the 45 min and 1.5 h cycling 
periods (Fig. 2.2). In addition, the 3 h aerobic/anaerobic cycling period was sufficient to achieve 
the maximum rate and extent of H2O2 production, which was reflected in the results of the 1,4-
dioxane degradation experiments described below. 
 Since 1,4-dioxane is a semi-volatile compound, approximately 46% of the decrease 
in 1,4-dioxane concentrations was attributed to volatilization during hydrated compressed gas 
inputs, while the remaining 54% decrease in 1,4-dioxane concentrations to below detection limits 
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(0.2 mM; Supplementary Table 2.S3) was due to degradation by HO! radicals produced by the 
microbially-driven Fenton reaction(47). Approximately 46% of the initial 1,4-dioxane 
concentration was removed by volatilization during the hydrated gas inputs due to continual 
diffusion of 1,4-dioxane to the vapor phase until vapor-liquid equilibrium was attained at 9 h. 
1,4-dioxane was not further volatilized since the compressed gases were saturated with water 
prior to injection (Fig. 2.3b and Supplementary Fig. 2.S7). The inability of the microbially-
driven Fenton reaction to degrade 1,4-dioxane in the presence of HO! radical scavenging 
compounds mannitol or thiourea or in the absence of either S. oneidensis cells or Fe(III) 
implicated HO! radicals as the main driver of the 1,4-dioxane degradation process. The absence 
of 1,4-dioxane degradation under strictly aerobic or strictly anaerobic Fe(III)-reducing conditions 
indicates that 1,4-dioxane degradation was not due to aerobic or anaerobic enzymatic 1,4-
dioxane degradation reactions catalyzed by S. oneidensis.(2, 19)   
Alternately, the microbially-driven Fenton reaction described in the present study 
may be initiated by H2O2-catalyzed Fe(III) reduction reactions(48, 49).  In this scenario, H2O2 
produced by S. oneidensis during the preceding aerobic cycling period catalyzes chemical 
(purely abiotic) Fe(III) reduction reactions.  The H2O2-catalyzed Fe(III) reduction reactions, 
however, are Fe(III) speciation-dependent, and some soluble organic-Fe(III) complexes such as 
Fe(III)-oxalate are not reduced by H2O2 (50). Since S. oneidensis produces an yet unidentified 
Fe(III)-chelating organic ligand that enhances Fe(III) bioavailability(51-53), the results of the 
present study do not preclude the possibility that soluble organic-Fe(III) complexes produced by 
S. oneidensis are reduced by H2O2 produced during the preceding aerobic cycling period.  
However, the absence of 1,4-dioxane degradation in Fe(III)-amended DD control incubations 
held under strictly aerobic conditions for 74 h indicates that HO! radical production is most 
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likely not initiated by H2O2-catalyzed Fe(III) reduction reactions, but requires S. oneidensis-
catalyzed Fe(III) reduction reactions during the anaerobic cycling periods.(48, 49) 
Although the LC and IC methods used in the present study may have missed detection of 
other 1,4-dioxane degradation products (e.g., aldehydes) analyzed by other methods(36), acetate 
and oxalate were detected as 1,4-dioxane degradation products of the microbially driven Fenton 
reaction.  In conventional (purely abiotic) Fenton reactions, acetate and oxalate are produced by 
HO! radical attack of 1,4-dioxane with α-oxy radicals as the key intermediate for subsequent 
degradation reactions.(36) The α-oxy radicals follow two separate degradation pathways that 
depend on O2 concentrations in the chemical Fenton reaction system.  In O2-limited systems, the 
α-oxy radicals are degraded to acetate, formate, formaldehyde, and oxalate, while in O2-replete 
systems, the α-oxy radicals are degraded to ethylene glycol diformate(24, 36). In the present 
study, 1,4-dioxane degradation by the microbially driven Fenton reaction resulted in production 
of acetate and oxalate as the main 1,4-dioxane degradation products, while ethylene glycol 
diformate was not detected. In addition, formate, glycolate, and glyoxylate were not detected 
during the microbially-driven 1,4-dioxane degradation process, most likely due to the high 
reactivity of these intermediates with HO! radical(36). Since only 40 µM oxalate was produced 
during degradation of 10 mM 1,4-dioxane, the majority of 1,4-dioxane may have been 
mineralized to CO2 or stalled at another upstream intermediate such as hydroxyethoxyacetic acid 
(HEAA)(36, 54). 
In previous applications of conventional (purely abiotic) Fenton reactions, 1,4-
dioxane was degraded at rates approximately 20-fold greater than the microbially-driven Fenton 
reaction designed in the present study (rate constant of 0.0036 min-1 for 3 h aerobic/anaerobic 
cycling period at pH 7.0). Such differences may be due to the high concentrations (15 mM) of 
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exogenous H2O2 employed to drive the chemical Fenton reaction systems(24, 36). However, after 
normalization on a per mg protein basis, the reaction rates observed in the present study are 4-to-
5-fold greater than the enzymatic rates of 1,4-dioxane degradation by Pseudonocardia 
species(2). In the present study, S. oneidensis produced micromolar levels of H2O2, presumably 
as a by-product of microbial aerobic respiration during the aerobic cycling periods. Addition of 
exogenous H2O2 was therefore not required to drive the microbially-driven Fenton reaction. The 
chemical Fenton reaction also requires re-reduction of Fe(III) produced during H2O2-catalyzed 
Fe(II) oxidation reactions.  Fe(III) re-reduction processes such as those catalyzed by UV 
irradiation are possible during ex situ 1,4-dioxane degradation processes(39), yet UV light 
penetration represents a formidable obstacle for in situ 1,4-dioxane remediation technologies.   
In the microbially-driven Fenton reaction designed in the present study, S. oneidensis 
respiratory processes catalyze both H2O2 production and Fe(III) re-reduction.  Since microbial 
Fe(III) reduction has been detected in a variety of aquatic environments, including contaminated 
subsurface aquifers(55), the microbially-driven Fenton reaction may be induced by exposing 
Fe(III)-reducing facultative anaerobes in Fe(III)-containing contaminated environments to 
alternating aerobic and anaerobic conditions. Alternately, the microbially-driven Fenton reaction 
may be stimulated by injecting soluble Fe(III), nanoparticulate zero-valent iron (nZVI)(56) or 
electrolytic systems(57)  in the flow path of 1,4-dioxane-contaminated subsurface aquifers and 
exposing endogenous (or injected) Fe(III)-reducing bacteria to alternating aerobic and anaerobic 
conditions.  Microbially-driven Fenton reaction may also be initiated through bioaugmentation at 
plume fringes where heterogeneous aerobic/anaerobic redox zonation may occur(58). The 
microbially-driven Fenton reaction thus provides a foundation for development of alternative in 
situ remediation technologies that degrade 1,4-dioxane or other environmental contaminants 
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(e.g., PCP(29, 30), PCE(23), TCE(31) and TCA(32) )!susceptible to attack by HO! radicals 
generated by the Fenton reaction.  
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2.6 Supplemental information 
 
 
Figure 2.S1. Growth curve of S. oneidensis in the presence of 10 mM (#) and  
0 mM (") 1,4-dioxane. Cell cultures were grown in LS media under aerobic 


































Figure 2.S2. Cell counts during microbially-driven Fenton degradation of 1,4-
dioxane (10 mM) under aerobic/anaerobic cycling period of 3 h; red " , cells + 1,4-
dioxane + Fe(III); black ▲, 1,4-dioxane omitted; green×,Fe(III) omitted. Grey 


























Figure 2.S3. Concentration profiles during microbial Fenton degradation of 1,4-
dioxane (10 mM) under aerobic/anaerobic cycling period of 1.5 h: (a) Fe(II); (b) 1,4-
dioxane; (c) lactate; (d) acetate; (e) oxalate; (f) cell count; red " , cells + 1,4-dioxane 
+ Fe(III); blue # , cells omitted; black ▲, 1,4-dioxane omitted; green ×,Fe(III) 
omitted; dashed red " , No Gas control. Grey shaded areas depict anaerobic phase 










Figure 2.S4. Concentration profiles during microbial Fenton degradation of 1,4-
dioxane (10 mM) under aerobic/anaerobic cycling period of 45 min: (a) Fe(II); (b) 
1,4-dioxane; (c) lactate; (d) acetate; (e) oxalate; (f) cell count; red " , cells + 1,4-
dioxane + Fe(III); blue # , cells omitted; black ▲, 1,4-dioxane omitted; green 
×,Fe(III) omitted; dashed red " , No Gas control. Grey shaded areas depict 








Figure 2.S5. Concentration profiles during microbial Fenton degradation of 1,4-
dioxane (10 mM) under aerobic/anaerobic cycling period of 6 h: (a) Fe(II); (b) 1,4-
dioxane; (c) lactate; (d) acetate; (e) oxalate; (f) cell count; red " , cells + 1,4-dioxane 
+ Fe(III); blue # , cells omitted; black ▲, 1,4-dioxane omitted; green ×,Fe(III) 
omitted; dashed red " , No Gas control. Grey shaded areas depict anaerobic phase 






Figure 2.S6. S. oneidensis growth curves in the presence of radical scavengers. 120 
mM mannitol (blue #), 40 mM thiourea (black ▲) and no scavenger (red "). Cell 
cultures were grown in LS media under aerobic conditions in the presence of 10 mM 






























Figure 2.S7. 1,4-Dioxane profile (10 mM) under strict aerobic condition. Incubations 
were carried in two parallel yet identical cultures and error bars indicate standard 
deviations between cultures. 
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Table 2.S1. Total substrate degradation and intermediate production during the microbially-driven Fenton degradation  
of 1,4-dioxane with aerobic/anaerobic cycling periods of 1.5 h, 45 min, and 6 h a 
 
 1.5 h cycling 45 min cycling 
 
Degraded (mM) Produced (mM) Degraded (mM) Produced (mM) 
1,4-Dioxane Lactate Acetate Oxalate 1,4-Dioxane Lactate Acetate Oxalate 
Cells + 1,4-dioxane+Fe(III) 8.4 ± 0.4 11.2 ± 0.4 14.1 ± 0.5 0.05 ± 0.003 8 ± 0.1 11 ± 0.1 9 ± 0.3 0.03 ± 0.003 
Cells omitted 3 ± 0.2 0 3.4 ± 0.2 0 3.5 ± 1.7 1.4 ± 0.3 0.6 ± 0.2 0 
1,4-Dioxane omitted 0 10.2 ± 0.4 10.6 ± 0.8 0.05 ± 0.005 0 10.4 ± 0.7 6.7 ± 0.3 0 
Fe(III) omitted 3 ± 0.2 11.2 ± 0.4 9.3 ± 0.6 0 4.2 ± 1.9 10.7 ± 0.4 1.2 ± 0.04 0 
      
 6 h cycling     
 Degraded (mM) Produced (mM)     
 1,4-Dioxane Lactate Acetate Oxalate     
Cells + 1,4-dioxane+Fe(III) 12.02 ± 0.27 9.38 ± 0.64 6.97 ± 0.53 0.107 ± 0.01     
Cells omitted 6.26 ± 0.62 0 0 0     
1,4-Dioxane omitted 0 9.44 ± 0.62 5.27 ± 0.7 0.165 ± 0.01     
Fe(III) omitted 7.68 ± 0.6 9.21 ± 0.43 3.82 ± 0.42 0.016 ± 0.003     
a Incubations were carried in two parallel yet identical cultures and error bars indicate range of error between incubations. 
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Table 2.S2. Total input and output carbon during the microbially-driven Fenton degradation of 1,4-dioxane with 





 1.5 h cycling 45 min cycling 
 Input Carbon (mmol) Output Carbon (mmol) Input Carbon (mmol) Output Carbon (mmol) 
 Lactate + 1,4-Dioxane 
1,4-Dioxane 




degraded Acetate Oxalate 
Cells+1,4-dioxane+Fe(III) 70 33.5 ± 1.4 28.2 ± 1 0.1 ± 0.006 70 31.9 ± 0.3 18 ± 0.6 0.06 ± 0.006 
Cells omitted 70 11.9 ± 0.8 6.8 ± 0.4 0 70 14 ± 6.9 1.2 ± 0.4 0 
1,4-Dioxane omitted 30 0 21.2 ± 1.6 0.1 ± 0.01 30 0 13.4 ± 0.6 0 
Fe(III) omitted 70 11.9 ± 0.9 18.6 ± 1.2 0 70 16.7 ± 7.7 2.4 ± 0.08 0 
      
 6 h cycling     
 Input Carbon (mmol) Output Carbon (mmol)     
 Lactate + 
1,4-Dioxane 
1,4-Dioxane 
degraded Acetate Oxalate 
    
Cells+1,4-dioxane+Fe(III) 70 48.08 ± 1.08 13.94 ± 1.06 0.214 ± 0.02     
Cells omitted 70 25.04 ± 2.48 0 0     
1,4-Dioxane omitted 30 0 10.54 ± 1.4 0.33 ± 0.02     
Fe(III) omitted 70 38.4 ± 0.24 7.64 ± 0.84 0.032 ± 0.006     
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Table 2.S3. Limit of detection (LOD) and the limit of quantitation (LOQ) of analytes in this study 
 
 
Compound Limit of detection (LOD) Limit of quantitation (LOQ) 
1,4-Dioxane 0.2 mM 0.69 mM 
Acetate 40.38 uM 134.6 uM 
Oxalate 1.1 uM 3.79 uM 
Lactate 17.97 uM 59.9 uM 
Glycolate 22.83 uM 76.1 uM 
Glyoxylate 36.69 uM 122.3 uM 
Formate 10.68 uM 35.6 uM 
Ethylene glycol diformate 52.8 uM 176 uM 
!
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Table 2.S4: Composition of LS medium 
 
Compound Concentration (mM) 
Sodium DL lactate 10  
Potassium Phosphate 10  
NH4SO4 15  
MgSO4. 7H2O 1  
CaCl2.2H2O 0.48  
EDTA, disodium salt 0.67  
FeSO4.7H2O 0.1  
NaHCO3 0.2  
FeCl3 0.1  
Na2SeO4 0.01  
H3BO3 0.05  
ZnSO4.7H2O 0.005  
Na2MoO4.2H2O 0.007  
CuSO4.5H2O 0.001  
MnSO4.H2O 0.001  
CoSO4.7H2O 0.05  
NiCl2.6H2O 0.08 








SIMULTANEOUS DEGRADATION OF COMINGLED CONTAMINANTS 
TRICHLOROETHYLENE, TETRACHLOROETHYLENE, AND 1,4-DIOXANE  




Improper disposal of 1,4-dioxane and the chlorinated organic solvents trichloroethylene 
(TCE) and tetrachloroethylene (PCE) has resulted in widespread contamination of soil and 
groundwater.  In the present study, a new microbially-driven Fenton reaction system was 
designed and applied to generate hydroxyl (HO!) radicals for simultaneous degradation of 
source zone levels of single, binary, and ternary mixtures of TCE, PCE, and 1,4-dioxane.  
The new Fenton reaction system was driven by fed batch cultures of the Fe(III)-reducing 
facultative anaerobe Shewanella oneidensis amended with lactate, Fe(III), and contaminants 
and exposed to alternating anaerobic and aerobic conditions.  To avoid contaminant loss due 
to volatility, the Fe(II)-generating, hydrogen peroxide-generating, and contaminant 
degradation phases of the microbially-driven Fenton reaction system were separated.  The 
microbially-driven Fenton reaction system degraded TCE, PCE, and 1,4-dioxane either as 
single contaminants or as binary and ternary mixtures.  In the presence of equimolar 
concentrations of TCE and PCE, the ratio of the experimentally derived rates of TCE and 
PCE degradation was nearly identical to the ratio of the corresponding HO! radical reaction 
rate constants.  The new microbially-driven Fenton reaction system may be applied as an ex 
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situ platform for simultaneous degradation of co-mingled TCE, PCE, and 1,4-dioxane and 
provides valuable information for future development of in situ remediation technologies. 
 
3.1 Introduction 
The chlorinated organic solvents trichloroethylene (TCE) and tetrachloroethylene (PCE) 
have been historically employed as solvents in a variety of industrial processes including 
vapor degreasing of metal surfaces, paint stripping, and dry cleaning (1, 2).   TCE and PCE 
are carcinogenic and improper disposal practices at industrial sites have resulted in 
widespread contamination of soil and ground water (1-6).   Due to their high density and low 
aqueous phase solubility, TCE and PCE are also highly persistent in contaminated 
environments (3, 4). The potential carcinogen 1,4-dioxane is generally employed as a 
stabilizer for TCE and PCE in industrial processes,(7-11) and thus TCE- and PCE-
contaminated ground water is often comingled with 1,4-dioxane (9, 12-20).   
Current TCE and PCE remediation technologies are based on photolysis, sonolysis, 
and reductive transformations by iron-bearing minerals or dechlorinating microorganisms (6, 
21-26).  Photolysis and sonolysis, however, are limited by UV light penetration and low 
energy transfer efficiency, respectively (27), while microbially-catalyzed reductive 
dehalogenation reactions are limited by microbial nutrient requirements, contaminant 
bioavailability, and incomplete dechlorination leading to the production of toxic 
intermediates (28).  Current 1,4-dioxane remediation technologies such as carbon absorption, 
air stripping, and distillation are limited by problems associated with 1,4-dioxane solubility, 
boiling point, and vapor pressure, respectively (29).  Other 1,4-dioxane remediation 
technologies such as photo-remediation by UV light (30) and ultrasound-aided degradation 
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are also limited by UV light penetration and low energy transfer efficiency, respectively (31, 
32). 
Chemical oxidation is also an attractive remediation technology for degradation of 
TCE, PCE, and 1,4-dioxane (2, 5, 12, 33).  Currently deployed chemical oxidants include 
ozone, titanium oxide, persulfate, permanganate, peroxide, zero valent iron (ZVI), and 
hydroxyl (HO!) radicals (2, 5).  HO! radicals represent a powerful oxidant with oxidation 
potentials (+2.76 V) higher than ozone (+2.07 V), persulfate (+2.01 V), and permanganate 
(+1.68 V) (33).  HO! radicals may be produced by the conventional Fenton reaction (eq 1) in 
which ferrous iron (Fe(II)) catalyzes the decomposition of hydrogen peroxide (H2O2) to 
produce Fe(III), hydroxyl ion (OH-) and HO! radical: 
Fe(II) + H2O2 "Fe(III) + OH- + HO!   (1) 
Conventional Fenton reaction-generated HO! radicals oxidatively degrade a 
number of hazardous compounds including chlorinated aliphatics and aromatics (34), 
pentachlorophenol (PCP) (35, 36), PCE (37), TCE (1, 5, 23, 26, 33), 1,1,2-trichloroethane 
(TCA) (38), 1,4-dioxane (29), and petroleum hydrocarbons (39).  Conventional Fenton 
reaction-driven degradation of TCE, PCE, and 1,4-dioxane is limited, however, by the high 
concentrations of the Fenton reagents Fe(II) and H2O2 that must be continuously supplied to 
produce HO! radicals and drive TCE, PCE, and 1,4-dioxane degradation (1, 24).  At neutral 
pH, addition of Fe(III)-complexing ligands may improve conventional Fenton reaction 
efficiencies by preventing Fe(III) oxide precipitation (40).  UV irradiation is often employed 
to induce Fe(III) re-reduction and photolytic radical production in photo-Fenton systems.  
The UV irradiation systems, however, are limited by UV light penetration, and H2O2 must 
still be continuously supplied to drive the conventional Fenton reaction (29).  
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Microbially-driven Fenton reactions that alternately produce the Fenton reagents 
H2O2 (via microbial O2 respiration) and Fe(II) (via microbial Fe(III) reduction) alleviate the 
need for continual addition of H2O2 and Fe(II) to drive HO! radical production (12, 17, 29, 
41).  The Fe(III)-reducing facultative anaerobe Shewanella oneidensis was recently 
employed to drive the Fenton reaction for oxidative degradation of PCP and 1,4-dioxane (29, 
36).  In the S. oneidensis-driven Fenton reaction, batch liquid cultures were amended with 
Fe(III) and 1,4-dioxane and subsequently exposed to alternating anaerobic and aerobic 
conditions.  During the anaerobic period S. oneidensis produced Fe(II) via microbial Fe(III) 
reduction, while during the aerobic period, S. oneidensis produced H2O2 via microbial O2 
respiration.  During the transition from anaerobic-to-aerobic conditions, Fe(II) and H2O2 
interacted chemically via the Fenton reaction to produce HO! radicals that completely 
degraded 1,4-dioxane at source zone concentrations (29).   
Although TCE and PCE are often comingled with 1,4-dioxane in contaminated 
ground water, only a limited number of studies have examined simultaneous degradation of 
multiple contaminants, with emphasis on binary mixtures of TCE and 1,4-dioxane or TCE 
and PCE (26, 42-44).  The main objectives of the present study were to (i) design a new fed 
batch, microbially-driven Fenton reaction system that minimizes contaminant loss due to 
volatility by separating the Fe(II)-generating, H2O2-generating, and contaminant degradation 
phases and ii) apply the new microbially-driven Fenton reaction system to simultaneously 
degrade single, binary, and ternary mixtures of TCE, PCE, and 1,4-dioxane. 
 
3.2 Materials And Methods 
Culture Medium and Chemical Reagents.  S. oneidensis was routinely cultured 
aerobically on LB medium (10 g/L tryptone, 5 g/L yeast extract, and 10 g/L NaCl) (45).  
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TCE, PCE, and 1,4-dioxane degradation experiments were conducted in minimal salt 
solution (LS; pH 7.0, Supplementary Table 3.S2) amended with 50 mM lactate as carbon and 
energy source and 10 mM Fe(III)-citrate as anaerobic electron acceptor (36, 46).  Fe(III)-
citrate was prepared by previously described methods (47).  TCE, PCE, 1,4-dioxane, 
acetonitrile, ferrozine, phosphoric acid, mannitol, sodium acetate, sodium nitrate, sodium 
lactate, and thiourea were obtained from Sigma-Aldrich.  In the contaminant degradation 
experiments, contaminants were added to the fed batch reactor system at final concentrations 
that reflected source zone levels:  TCE (100 µM), PCE (100 µM), and 1,4-dioxane (2 mM). 
Design of Fed Batch Reactor System for Simultaneous Degradation of TCE, 
PCE, and 1,4-Dioxane by the Microbially-Driven Fenton Reaction.  The toxicity of 
single, binary, and ternary mixtures of TCE, PCE, and 1,4-dioxane was tested in LS medium 
by comparing aerobic growth of S. oneidensis batch cultures in the presence and absence of 
the contaminant mixtures.  To avoid inadvertent loss of contaminants due to volatility during 
injection of compressed nitrogen or compressed air (Henry’s law constant for TCE: 0.11 mol 
kg-1 bar-1, PCE: 0.05 mol kg-1 bar-1, 1,4-dioxane: 220 mol kg-1 bar-1) (29, 48-51), the batch 
reactor system previously employed for 1,4-dioxane degradation (29) was modified and the 
Fe(II)-generating, H2O2-generating, and contaminant degradation phases were separated 
(Supplementary Fig. 3.S14).  In the  Fe(II)-generating phase, contaminant-free S. oneidensis 
liquid cultures (109 cells mL-1 in LS medium amended with 10 mM Fe(III)) were incubated 
in 60-mL glass serum bottles under anaerobic conditions by injecting (hydrated) compressed 
nitrogen until the entire 10 mM pool of Fe(III) was reduced to approximately 10 mM Fe(II) 
(approximately 24 h of anaerobic incubation; Fe(II)-generating phase).  The compressed 
nitrogen line was then replaced by a (hydrated) compressed air line and the 10 mM Fe(II)-
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containing S. oneidensis liquid culture was incubated under aerobic conditions until the 10 
mM pool of Fe(II) was oxidized to approximately 4 mM level (approximately 24 h of aerobic 
incubation; H2O2-generating phase).  The 4 mM residual Fe(II) was carried into the 
contaminant degradation phase to interact with the pool of microbially-produced H2O2 and 
generate HO! radicals (similar to HO! radical production by the previously reported 1,4-
dioxane-degrading batch reactor system) (29).   
The contaminant degradation phase was initiated by adding single, binary, and 
ternary mixtures of TCE, PCE, and 1,4-dioxane with a sterile syringe.  The contaminant 
degradation phase was carried out for approximately 5 days (without gas injection) and the 
contaminant concentrations were monitored via high pressure liquid chromatography 
(HPLC).  Following completion of the first 5-day contaminant degradation phase (i.e., after 
contaminants were degraded to below detection limits), a second cycle of Fe(II)-generating 
and H2O2-generating phases was carried out during the 7-8 and 8-9 day time periods, 
respectively, followed by re-spiking of contaminant mixtures to initial concentrations and 
carrying out a second 5-day contaminant degradation phase during the 9-14 day time period.  
An identical third cycle of Fe(II)-generating, H2O2-generating, and contaminant degradation 
phases was carried during the 14-19 day time period.  Reactor temperature (25°C) and pH 
(7.0) were held constant throughout all reactor phases. 
Inhibition of the Microbially-Driven Fenton Reaction in Control Incubations.  
A series of four control incubations were carried out to confirm that the single, binary, and 
ternary mixtures of TCE, PCE, and 1,4-dioxane were degraded by HO! radicals generated by 
the S. oneidensis-driven Fenton reaction.  The four control incubations were carried out in the 
fed batch reactor system described above with the following changes:  In the first set of 
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control incubations, the H2O2-generating and contaminant degradation phases were carried 
out with 15 mM NO3- replacing 10 mM Fe(III) as electron acceptor.  In the second set of 
control incubations, the HO! radical-scavenging compounds mannitol (120 mM) and thiourea 
(20 mM) were added to the fed batch reactor system prior to initiating the H2O2-generating 
phase.  The toxicities of mannitol and thiourea were tested in LS medium by comparing 
aerobic growth of S. oneidensis batch cultures in the presence and absence of mannitol or 
thiourea and single, binary, and ternary mixtures of TCE, PCE, and 1,4-dioxane.  In the third 
set of control incubations, Fe(III) or S. oneidensis cells (abiotic control) were omitted from 
the H2O2-generating and contaminant degradation phases.  In the fourth set of control 
incubations, contaminant concentrations were monitored in abiotic sealed serum bottles 
maintained under strict anaerobic conditions without injection of compressed nitrogen for a 
20-day anaerobic incubation period.  
Analytical Methods.  Samples were withdrawn and centrifuged at 6000 x g for 
10 min.  HCl-extracted Fe(II) concentrations were determined with a previously described 
Ferrozine-based colorimetric technique (52).  1,4-dioxane concentrations were determined 
via HPLC using a ZORBAX SB-C18 column with 20% aqueous acetonitrile as the mobile 
phase and a constant flow rate of 1.0 ml/min (15).  Chromatograms were generated at 190 nm 
for 1,4-dioxane with a retention time of 2.4 min.  TCE and PCE samples were extracted with 
ethyl acetate (1:1 volume ratio) and the organic phase was directly injected into the HPLC 
system using ZORBAX SB-C18 column with 60% aqueous acetonitrile as the mobile phase 
and a constant flow rate of 1.0 ml/min.  Chromatograms were generated at 214 nm for TCE 
and PCE with retention times of 4.5 and 7.5 min, respectively.  Lactate and acetate were 
analyzed via HPLC using a SUPELCOGEL C-610H column with 0.1% H3PO4 as the mobile 
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phase and a constant flow rate of 0.3 ml/min.  Chromatograms were generated at 210 nm for 
lactate and acetate with retention times of 29.41 and 35.06 respectively.  Calibration curves 
were generated from standards to determine the concentrations of each compound.  
 
3.3 Results 
TCE Degradation in the Presence and Absence of PCE and 1,4-Dioxane.  In the 
following results section, the single, binary, and ternary mixtures of TCE, PCE, and 1,4-dioxane 
were designated as follows: TCE alone = T, PCE alone = P, 1,4-dioxane alone = D, TCE + PCE 
= TP, TCE + 1,4-dioxane = TD, PCE + 1,4-dioxane = PD, and TCE + PCE + 1,4-dioxane = 
TPD.  To test for TPD toxicity, S. oneidensis was grown aerobically in LS growth medium 
supplemented with a ternary mixture of T (100 µM), P (100 µM), and D (2 mM).  Aerobic 
growth rates in the presence and absence of TPD were nearly identical, which indicated that the 
TPD concentrations did not inhibit S. oneidensis metabolic activity (Supplementary Fig 3.S1). 
To initiate HO! radical production by the S. oneidensis-driven Fenton reaction, 
Fe(III)-containing S. oneidensis cultures were incubated under anaerobic conditions for 24 h, the 
pool of 10 mM Fe(III) was microbially reduced at a rate of 416.8 μM"h!1, and Fe(II) 
concentrations increased to 10 mM (Fe(II)-generating phase; grey-shaded area in Fig. 3.1a and 
Supplementary Figs. 3.S5a, 3.S5d, 3.S5e, and 3.S5g).  At the 24-h time point, compressed air 
was injected for the next 24 h into all incubations, Fe(II) was air-oxidized at rates of 192.0 - 
321.0 μM"h!1, and Fe(II) concentrations decreased from 10.0 mM to 2.3 - 5.4 mM (first H2O2-
generating phase; yellow-shaded area in Fig. 3.1a and Supplementary Figs. 3.S5a, S5d, S5e, and 
S5g).  At the 2-d time point, the T, TP, TD, and TPD mixtures were added to initiate the first 
contaminant degradation phase (2-7 d time period).  During the first contaminant degradation 
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phase, Fe(III) was microbially reduced at rates of 39.2 - 41.7 μM"h!1 and Fe(II) concentrations 
increased to 7.0-10.4 mM (unshaded area in Fig. 3.1a and Supplementary Figs. 3.S5a, 3.S5d, 
3.S5e, and 3.S5g).  During the first contaminant degradation phase with T as sole contaminant, T 
was degraded at an initial rate of 1.1 μM"h!1 (Figs. 3.1b, 3.4a, and Supplementary Table 3.S3).    
By comparison, T was degraded in TP, TD, and TPD mixtures at initial rates 71%, 82%, and 
74%, respectively, of the T degradation rate with T as sole contaminant (i.e., % of T1 
degradation rate; Figs. 3.1b, 3.4a, and Supplementary Table 3.S3).  T was degraded to below 
detection limits by the end of the first degradation phase (7-d time point) with T as sole 
contaminant and in the TD, TP, and TPD mixtures (Fig. 3.1b). 
At the 7-d time point, a second cycle of Fe(II)- and H2O2-generating phases was 
carried out.  Fe(II) was air-oxidized at rates of 195.8 - 237.5 µM h-1 and Fe(II) concentrations 
decreased from 7.0 - 10.4 mM to 2.3 - 4.7 mM (second H2O2-generating phase; yellow-
shaded area in Fig. 3.1a and Supplementary Figs. 3.S5a, 3.S5d, 3.S5e, and 3.S5g).  At the 9-d 
time point, the T, TP, TD, and TPD mixtures were again added to initiate a second 
contaminant degradation phase (9-14 d time period).  During the second contaminant 
degradation phase, Fe(III) was microbially reduced at rates of 36.7 - 50.0 µM h-1 and Fe(II) 
concentrations increased to 6.7 - 10.7 mM.  During the second contaminant degradation 
phase with T as sole contaminant, T was degraded at an initial rate of 1.5 µM h-1 (Figs. 3.1b, 
3.4a, and Supplementary Table 3.S3).  By comparison, T was degraded in the TP, TD, and 
TPD mixtures at initial rates of 51%, 67%, and 55%, respectively, of the T degradation rate 
with T as sole contaminant (i.e., % of T2 degradation rate; Figs. 3.1b, 3.4a, and 
Supplementary Table 3.S3).  T was degraded to below detection limits by the end of the 
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second degradation phase (14-d time point) with T as sole contaminant and in the TD, TP, 
and TPD mixtures (Fig. 3.1b).     
At the 14-d time point, a third cycle of Fe(II)- and H2O2-generating phases was 
carried out.  Fe(II) was air-oxidized at rates of 133.3 - 208.3 µM h-1 and Fe(II) concentrations 
decreased to 3.5 - 5.7 mM (third H2O2-generating phase; yellow-shaded area in Fig. 3.1a and 
Supplementary Figs. 3.S5a, 3.S5d, 3.S5e, and 3.S5g).  At the 16-d time point, the T, TP, TD, 
and TPD mixtures were added to initiate a third contaminant degradation phase (16-19 d time 
period).  During the third contaminant degradation phase, Fe(III) was microbially reduced at 
rates of 33.3 - 48.6 µM h-1 and Fe(II) concentrations increased to 5.9 - 9.2 mM.  During the 
third contaminant degradation phase with T as sole contaminant, T was degraded in the TP, 
TD, and TPD mixtures at initial rates of 1.4 µM h-1 (Figs. 3.1b, 3.4a, and Supplementary 
Table 3.S3).  By comparison, T was degraded at initial rates of 46%, 65%, and 74%, 
respectively, of the T degradation rate with T as sole contaminant (i.e., % of T3 degradation 
rate; Figs. 3.1b, 3.4a, and Supplementary Table 3.S3).  T was degraded to below detection 
limits by the end of the third degradation phase (19-d time point) with T as sole contaminant.  
Due to early termination of the third contaminant degradation phase, T was degraded to 37, 
56, and 28 µM levels in the TD, TP, and TPD mixtures, respectively; Fig. 3.1b).   
T was degraded at nearly identical rates as sole contaminant in the three 
successive contaminant degradation phases (2-7, 9-14, and 16-19 d time periods; Fig. 3.2a 
and Supplementary Table 3.S3).  T concentrations remained constant at 100 µM in parallel 
control incubations lacking Fe(III) or S. oneidensis cells (abiotic control; Supplementary Fig. 
3.S2), but including three identical cycles of successive anaerobic (Fe(II)-generating), 
aerobic (H2O2-generating), and contaminant (T, TP, TD, and TPD) degradation phases.  
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Identical patterns of microbial (S. oneidensis-catalyzed) Fe(III) reduction and chemical (O2-
catalyzed) Fe(II) oxidation were observed in parallel control incubations with contaminants 
omitted (Fig. 3.1a), which indicated that rates of microbially-catalyzed Fe(III) reduction and 




Figure 3.1. Concentration profiles during microbial Fenton degradation of TCE, 
PCE and 1,4-dioxane in fed batch liquid cultures of S. oneidensis amended with 10 
mM Fe(III)-citrate, single, binary, and ternary mixtures of TPD (100 µM TCE, 100 
µM PCE  and 2 mM 1,4-dioxane) and subjected to : Anaerobic (0-1, 7-8, 14-15 day 
time periods), aerobic (1-2, 8-9, 15-16 day time periods) and TPD degradation (2-7, 
9-14, 16-19 day time periods) phases: (a) Fe(II) (for TCE reactions); (b) TCE; (c) 
Fe(II) (for PCE reactions); (d) PCE; (e) Fe(II) (for 1,4-dioxane reactions); (f) 1,4-
dioxane; solid red (#), single contaminant only; solid black (x), TCE + 1,4-dioxane; 
solid green (! ), TCE + PCE; solid blue ($), PCE + 1,4-dioxane; solid black (▲), 
TCE + PCE + 1,4-dioxane; dashed black (#), no contaminant control. Grey shaded 
areas correspond to Fe(II)-generating phase, yellow shaded areas correspond to 
H2O2-generating phase, and unshaded areas correspond to contaminant degradation 
phase. Arrows indicate time of addition (day 2) and respiking (day 9 & 16) of 








Figure 3.1 continued 
PCE Degradation in the Presence and Absence of TCE and 1,4-Dioxane.  
Nearly identical patterns of microbial (S. oneidensis-catalyzed) Fe(III) reduction and 
chemical (O2-catalyzed) Fe(II) oxidation were observed in analogous P, TP, PD, and TPD 
contaminant degradation experiments (Fig. 3.1c and Supplementary Figs. 3.S5b, 3.S5d, 
3.S5f, and 3.S5g).  To initiate HO! radical production by the S. oneidensis-driven Fenton 
reaction, Fe(III)-containing S. oneidensis cultures were incubated under anaerobic conditions 
for 24 h, the pool of 10.0 mM Fe(III) was microbially reduced at rates of 379.2 - 420.8 µM h-
1 and Fe(II) concentrations increased to 9.1 - 10.1 mM (Fe(II)-generating phase; grey-shaded 
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area in Fig. 3.1c and Supplementary Figs. 3.S5b, 3.S5d, 3.S5f, and 3.S5g).  At the 24-h time 
point, compressed air was injected for the next 24 h into all incubations and Fe(II) was air-
oxidized at rates of 195.8 - 262.5 µM h-1 and Fe(II) concentrations decreased from 9.1 - 10.1 
mM to 2.8 - 5.4 mM (first H2O2-generating phase; yellow-shaded area in Fig. 3.1c and 
Supplementary Figs. 3.S5b, 3.S5d, 3.S5f, and 3.S5g).  At the 2-d time point, the P, PT, PD, 
and TPD mixtures were added to initiate the first contaminant degradation phase (2-7 d time 
period).  P was degraded at an initial rate of 1.4 µM h-1 during the contaminant degradation 
phase with P as sole contaminant (Figs. 3.1d, 3.4b, and Supplementary Table 3.S4).  By 
comparison, P was degraded in the PT, PD, and TPD mixtures at initial rates of 110%, 75%, 
and 62%, respectively, of the P degradation rate with P as sole contaminant (i.e., % of P1 
degradation rate; Figs. 3.1d, 3.4b, and Supplementary Table 3.S4).  P was degraded to below 
detection limits by the end of the first degradation phase (7-d time point) with P as sole 
contaminant and in the PT, PD, and TPD mixtures (Fig. 3.1d).     
At the 7-d time point, a second cycle of Fe(II)- and H2O2-generating phases was 
carried out.  At the 9-d time point, the P, PT, PD, and TPD mixtures were added to initiate a 
second contaminant degradation phase (9-14 day time period).  During the second 
contaminant degradation phase with P as sole contaminant, P was degraded at an initial rate 
of 1.6 µM h-1 (Figs. 3.1d, 3.4b, and Supplementary Table 3.S4).  By comparison, P was 
degraded at initial rates of 88%, 69%, and 96%, respectively, of the P degradation rate with P 
as sole contaminant (i.e., % of P2 degradation rate; Figs. 3.1d, 3.4b, and Supplementary 
Table 3.S4).  P was degraded to below detection limits by the end of the second degradation 
phase (14-d time point) with P as sole contaminant and in the PT, PD, and TPD mixtures 
(Fig. 3.1d).  
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At the 14-day time point, a third cycle of Fe(II)- and H2O2-generating phases was 
carried out.  At the 16-d time point, the P, PT, PD, and TPD mixtures were added to initiate a 
third contaminant degradation phase (16-19 d period).  During the third contaminant 
degradation phase with P as sole contaminant, P was degraded at an initial rate of 1.2 µM h-1 
(Figs. 3.1d, 3.4b, and Supplementary Table 3.S4).  By comparison, P was degraded at initial 
rates of 98%, 69%, and 72%, respectively, of the P degradation rate with P as sole 
contaminant (i.e., % of P3 degradation rate; Figs. 3.1d, 3.4b, and Supplementary Table 3.S4).  
P was degraded to below detection limits by the end of the third degradation phase (19-d time 
point) with PT as contaminant mixture.  Due to early termination of the third contaminant 
degradation phase (19-d time point), P was degraded to 10, 36, and 33 µM levels in the P, 
PD, and TPD mixtures, respectively; Fig. 3.1d).   
P was degraded as sole contaminant at nearly identical rates in the three 
successive contaminant degradation phases (2-7, 9-14, and 16-19 day time periods; Fig. 3.2b 
and Supplementary Table 3.S4).  P concentrations remained constant at 100 µM in parallel 
control incubations lacking Fe(III) or S. oneidensis cells (abiotic control; Supplementary Fig. 
3.S3), but including three identical cycles of successive anaerobic (Fe(II)-generating), 
aerobic (H2O2-generating), and contaminant (P, PT, PD, and TPD) degradation phases.  
Identical patterns of microbial (S. oneidensis-catalyzed) Fe(III) reduction and chemical (O2-
catalyzed) Fe(II) oxidation were observed in parallel control incubations with contaminants 
omitted (Fig. 3.1c), which indicated that rates of microbially-catalyzed Fe(III) reduction and 




1,4-Dioxane degradation in the presence and absence of TCE and PCE.  
Nearly identical patterns of microbial (S. oneidensis-catalyzed) Fe(III) reduction and 
chemical (O2-catalyzed Fe(II) oxidation were observed in analogous D, DT, DP, and TPD 
contaminant degradation experiments (Fig. 3.1e and Supplementary Figs. 3.S5c, 3.S5e, 
3.S5f, and 3.S5g).  To initiate HO! radical production by the S. oneidensis-driven Fenton 
reaction, Fe(III)-containing S. oneidensis cultures were incubated under anaerobic conditions 
for 24 h, the pool of 10 mM Fe(III) was microbially reduced at rates of 358.3 - 441.7 µM h-1 
and Fe(II) concentrations increased to 8.6 - 10.6 mM (Fe(II-generating phase; grey-shaded 
area in Fig. 3.1e and Supplementary Figs. 3.S5c, 3.S5e, 3.S5f, and 3.S5g).  At the 24-h time 
point, compressed air was injected for the next 24 h into all incubations and Fe(II) was air-
oxidized at rates of 237.5 - 241.7 µM h-1 and Fe(II) concentrations decreased from 8.6 - 10.6 
mM to 2.8 - 4.9 mM (first H2O2-generating phase; yellow-shaded area in Fig. 3.1e and 
Supplementary Figs. 3.S5c, 3.S5e, 3.S5f, and 3.S5g).  At the 2-d time point, the D, DT, DP 
and TPD mixtures were added to initiate the first contaminant degradation phase (2-7 d time 
period).  D was degraded at an initial rate of 30.8 µM h-1 (Figs. 3.1f, 3.4c, and Supplementary 
Table 3.S5).  By comparison, D was degraded in the DT, DP, and TPD mixtures at initial 
rates of 35%, 39%, and 54%, respectively, of the D degradation rate with D as sole 
contaminant (i.e., % of D1 degradation rate; Figs. 3.1f, 3.4c, and Supplementary Table 3.S5).  
D was degraded to below detection limits by the end of the first degradation phase (7-d time 
point) in the D and DP mixtures.  However, D was only degraded to 0.17 mM and 0.85 mM 
levels in the DT and TPD mixtures, respectively (Fig. 3.1f). 
At the 7-d time point, a second cycle of Fe(II)- and H2O2-generating phases was 
carried out.  At the 9-d time point, the D, DT, DP, and TPD mixtures were added to initiate a 
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second contaminant degradation phase (9-14 d time period).  During the second contaminant 
degradation phase with D as sole contaminant, D was degraded at an initial rate of 36.2 µM 
h-1 (Figs. 3.1f, 3.4c, and Supplementary Table 3.S5).  By comparison, D was degraded at 
initial rates of 61%, 38%, and 36%, respectively, of the D degradation rate with D as sole 
contaminant (i.e., % of D2 degradation rate; Figs. 3.1f, 3.4c, and Supplementary Table 3.S5).  
D was degraded to below detection limits by the end of the second degradation phase (14-d 
time point) with D as sole contaminant.  However, D was degraded only to 0.34, 0.30, and 
0.16 mM levels in the DT, DP, and TDP mixtures, respectively (Fig. 3.1f).  
At the 14-d time point, a third cycle of Fe(II)-generating, H2O2-generating, and 
contaminant degradation phases was carried out.  At the 16-d time point, the D, DT, DP, and 
TPD mixtures were added to initiate a third contaminant degradation phase (16-19 d time 
period).  During the third contaminant degradation phase with D as sole contaminant, D was 
degraded at an initial rate of 27.9 µM h-1 (Figs. 3.1f, 3.4c, and Supplementary Table 3.S5).  
By comparison, D was degraded at initial rates of 97%, 101%, and 70%, respectively, of the 
D degradation rate with D as sole contaminant (i.e., % of D3 degradation rate; Figs. 3.1f, 
3.4c, and Supplementary Table 3.S5).  Due to early termination of the third degradation 
phase (19-d time point), D was degraded to 0.6, 0.43, 0.48, and 0.96 mM levels in the D, DT, 
DP, and TPD mixtures, respectively (Fig. 3.1f). 
D was degraded at nearly identical rates as sole contaminant in the three 
successive contaminant degradation phases (2-7, 9-14, and 16-19 d time periods; Fig. 3.2c 
and Supplementary Table 3.S5).  D concentrations remained constant at 100 µM in parallel 
control incubations lacking Fe(III) or S. oneidensis cells (abiotic control; Supplementary Fig. 
3.S4), but including three identical cycles of successive anaerobic (Fe(II)-generating), 
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aerobic (H2O2-generating), and contaminant (D, DT, DP, and TPD) degradation phases.  
Identical patterns of microbial (S. oneidensis-catalyzed) Fe(III) reduction and chemical (O2-
catalyzed) Fe(II) oxidation were observed in parallel control incubations with contaminants 
omitted (Fig. 3.1e), which indicated that rates of microbially-catalyzed Fe(III) reduction and 
O2-catalyzed Fe(II) oxidation were not affected by the presence of the D, DT, DP, or TPD 
mixtures. 
Inhibition of the Microbially-Driven Fenton Reaction in Control Incubations.  
To confirm that the single, binary, and ternary mixtures of TPD were degraded by HO! 
radicals generated by the S. oneidensis-driven Fenton reaction, a series of control incubations 
were carried out in the presence of the HO! radical-scavenging compounds mannitol or 
thiourea.  The single, binary, or ternary mixtures of TPD were not degraded in the 
contaminant degradation phase in the presence of mannitol or thiourea (Supplementary Figs.  
3.S2-4).  To test for toxicity of mannitol and thiourea in the presence of TPD, S. oneidensis 
cultures were grown aerobically in LS growth medium supplemented with mannitol or 
thiourea and the ternary TPD mixture.  Aerobic growth rates in the presence or absence of 
mannitol or thiourea were nearly identical, which indicates that a combination of mannitol or 
thiourea and TPD did not inhibit S. oneidensis metabolic activity (Supplementary Fig. 3.S1).  
The ability of the HO! radical-scavenging compounds mannitol and thiourea to inhibit TPD 
degradation indicates that HO! radicals derived from the microbially-driven Fenton reaction 
are involved in the degradation of single, binary, and ternary TPD mixtures.  
The requirement for microbial Fe(III) reduction was tested by replacing Fe(III) 
with NO3- and carrying out an otherwise identical set of TPD degradation experiments with 
NO3--containing fed batch reactors.  TPD was not degraded with NO3- as electron acceptor 
!
88!
(Supplementary Figs.  3.S2-4), or in the absence of S. oneidensis cells (Supplementary Figs.  
3.S2-4).  These results indicated that microbial Fe(III) reduction was required to drive the 
TPD degradation process.  Furthermore, in all TPD degradation and control incubations, 
lactate was consumed at similar rates (87.5 - 100.0 µM h-1), while lactate concentrations 
remained constant during the 17-day abiotic control incubations (Supplementary Figs. 3.S6-8 
and 3.S12).  Due to the microbially-catalyzed aerobic oxidation of lactate during the aerobic 
(H2O2-generating) phase, acetate was produced at rates of 50.0 - 66.7 µM h-1 (Supplementary 
Figs. 3.S9-11 and 3.S13). 
3.4 Discussion 
The high oxidation potential of HO! radicals derived from conventional Fenton 
reactions drives oxidative degradation of a variety of hazardous contaminants, including 
TCE, PCE, and 1,4-dioxane (23, 26, 29, 53).  Conventional Fenton reactions are hampered, 
however, by the need for continuous supply of the Fenton reagents Fe(II) and H2O2 to sustain 
contaminant degradation (1, 17, 23, 25, 33, 41). Microbially-driven Fenton reactions, on the 
other hand, alternately regenerate Fe(II) (via microbial Fe(III) reduction under anaerobic 
conditions) and H2O2  (via microbial O2 respiration under aerobic conditions), thus alleviating 
the need to continually supply the Fenton reagents to drive HO! radical production and 
contaminant degradation (29, 36).  The Fe(III)-reducing facultative anaerobe S. oneidensis 
was recently employed to drive the Fenton reaction for HO! radical production and 1,4-
dioxane degradation in a batch reactor system that included S. oneidensis cells, Fe(III), and 
alternate injections of compressed nitrogen (to facilitate microbial Fe(III) reduction) and 
compressed air (to facilitate microbial H2O2 production) (29).  The Henry’s Law constant for 
TCE (0.11 mol kg-1 bar-1) and PCE (0.05 mol kg-1), however, are over three orders of 
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magnitude lower than the Henry’s law constant for 1,4-dioxane (220 mol kg-1 bar-1) (29, 48-
51).  Thus, in initial batch reactor designs, the compressed gas injections quickly volatilized 
TCE and PCE to below detection levels (data not shown), while the concentrations of TCE 
and PCE remained constant in the absence of compressed gas injection (Supplementary Figs. 
3.S2 and 3.S3).  The batch reactor system was therefore modified to avoid TCE and PCE loss 
due to volatility.  In the modified fed batch reactor system, the Fe(II)-generating (microbial 
Fe(III) reduction stimulated by injection of compressed nitrogen), H2O2-generating 
(microbial H2O2 production stimulated by injection of compressed air), and contaminant 
degradation phases (without injection of compressed gases) were separated and the fed batch 
reactor system was cycled three times through each of the three separate phases 
(Supplementary Fig. 3.S14).  
 Although TCE and PCE are often comingled with 1,4-dioxane in contaminated 
soil and ground water, only a limited number of studies have examined simultaneous 
degradation of multiple contaminants, with emphasis on binary mixtures of TCE and 1,4-
dioxane or TCE and PCE (26, 42-44). The present study is the first report of simultaneous 
degradation of source zone levels of ternary mixtures of TCE, PCE, and 1,4-dioxane.  In 
control incubations held under strictly anaerobic Fe(III)-reducing conditions, the TPD 
mixtures were not degraded, which demonstrated that S. oneidensis was unable to 
enzymatically degrade TCE, PCE, or 1,4-dioxane in the contaminant degradation phase.  In 
addition, under a normal cycle of alternating anaerobic and aerobic conditions, the three 
contaminant mixtures were not degraded in the absence of Fe(III), in the absence of S. 
oneidensis cells, or in the presence of the HO! radical-scavenging compounds mannitol or 
!
90!
thiourea.  These findings indicate that the TPD mixtures were simultaneously degraded by 
HO! radicals produced by the microbially-driven Fenton reaction (14). 
The rates of TCE degradation (in single, binary, and ternary mixtures of 
contaminants) ranged from 84-137% between the first, second, and third TCE degradation 
phases (i.e., by comparing rates of TCE degradation in phases T1, T2, T3 or TP1, TP2, TP3 
or TD1, TD2, TD3 or TPD1, TPD2, TPD3; Fig. 3.2a; and Supplementary Table 3.S3).  In a 
similar fashion, the rates of PCE and 1,4-dioxane degradation (in single, binary, and ternary 
mixtures of contaminants) also ranged from 77-168%.  However, during the second (DT 
mixture) and third (DT and DP mixtures) 1,4-dioxane degradation cycles, 1,4-dioxane 
degradation rates were 104%, 150%, and 133% higher, respectively.  The higher 1,4-dioxane 
degradation rates were most likely due to the incomplete  degradation of 1,4-dioxane during 
the preceding contaminant degradation phase, the resulting carry over of 1,4-dioxane to the 
next cycle, and the inadvertent higher ratios of D/T or D/P (second phase: D/T - 33% higher; 
third phase: D/T - 28% higher, D/P - 6% higher) compared to the respective D/T or D/P 
ratios of the first degradation phase (Figs. 3.1b, 3.1d, 3.1f, 3.2b, 3.2c, and Supplementary 
Tables 3.S4 and 3.S5).  Furthermore, lactate was only depleted to approximately 15 - 20 mM 
levels after three successive cycles (i.e., 30 - 40% of the initial 50 mM lactate feed remained 
after the third cycle), and correspondingly, acetate was produced (from lactate oxidation) at 
similar rates in each of the three cycles (Supplementary Figs. 3.S6-13).  These results 
indicate that the microbially-driven Fenton reaction was not limited by lactate depletion upon 
completion of the third cycle, and that the microbially-driven Fenton system can handle at 
least three repeated feeds of ternary mixtures of TCE, PCE, and 1,4-dioxane without 






Figure 3.2. Comparison of rate of degradation of TCE, PCE and 1,4-dioxane between 
three contaminant degradation phase cycles. Rate of degradation during 2nd and 3rd 
cycles is calculated as % of rate of degradation during 1st cycle. (a) TCE, T1 = 1.1 µM h-
1, TP1 = 0.8 µM h-1, TD1 = 0.9 µM h-1, TPD1 = 0.8 µM h-1; (b) PCE, P1 = 1.4 µM h-1, 
PT1 = 1.6 µM h-1, PD1 = 1.1 µM h-1, TPD1 = 0.9 µM h-1; (c) 1,4-Dioxane, D1 = 30.8 µM 
h-1, DT1 = 10.9 µM h-1, DP1 = 12.1 µM h-1, TPD1 =  16.8 µM h-1. Error bars represent 
range of errors in duplicate batch reactors. 
 
Rates of contaminant degradation by HO! radicals are a function of the 
contaminant-specific HO! radical reaction rate constants (kHO!) (TCE range: 0.85-1.59 X 109 
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M-1 s-1, TCE average: 1.22 X 109 M-1 s-1; PCE range: 1.62-2.33 X 109 M-1 s-1, PCE average: 
1.98 X 109 M-1 s-1; 1,4-dioxane range: 1.1-2.4 X 109 M-1 s-1, 1,4-dioxane average: 1.75 X 109 
M-1 s-1),(25, 54) the initial concentrations of contaminant, and the number of double bonds in 
the contaminant molecular structure.(26)  Other factors impacting the Fenton degradation of 
TCE, PCE, and 1,4-dioxane include the myriad of unidentified HO! radical-interacting 
intermediates produced during contaminant degradation (12, 38).   
Despite these complicating factors, the predicted- and experimentally-derived 
contaminant degradation rates in the present study may be compared for the case of binary 
mixtures of TCE and PCE because both contaminants were added at identical concentrations 
and both contain an identical number of double bonds.  Subsequently, the ratio of the 
experimentally-derived rates of PCE and TCE degradation in binary mixtures of PCE and 
TCE (designated Pexp/Texp) is predicted to be equal to the ratio of PCE- and TCE-specific 
kHO! (designated kHO
!(P)/kHO!(T)).  Pexp/Texp ratios (kobs) ranged from 1.8 - 2.1 in the three 
degradation phases of the PCE and TCE binary mixture experiments (Fig. 3.3), which were 
comparable to kHO!(P)/kHO!(T) ratios (1.5 - 1.9) previously reported for TCE and PCE 
degradation by purely chemical Fenton reactions (indicated by the dotted lines in Fig. 3.3) 
(25).  Similar rate comparisons with binary mixtures of 1,4-dioxane and TCE or 1,4-dioxane 
and PCE were not possible because the source zone levels of 1,4-dioxane (2 mM) used in the 
present study were 20-fold greater than the source zone levels of TCE and PCE (100 µM) 
(55, 56).  Correspondingly, the 20-fold higher 1,4-dioxane concentrations led to 1,4-dioxane 
degradation rates that were 9-to-34-fold higher than the TCE and PCE degradation rates in all 
contaminant mixtures (Tables 3.S6 and 3.S7).  Regardless of the concentration-dependent 
differences in contaminant degradation rates, the microbially-driven Fenton reaction 
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degraded source zone levels of ternary mixtures of TCE, PCE, and 1,4-dioxane to below 
detection limits when contaminant degradation phases were extended to < 5-d time periods 
(first and second cycles; Figs. 3.1b, 3.1d, and 3.1f). 
 
Figure 3.3. Ratio of the experimentally-derived rates of PCE and TCE degradation in 
binary mixtures of PCE and TCE (Pexp/Texp) across three contaminant degradation 
phase cycles. Black dotted lines indicate reported range of ratio of kHO!(P)/kHO!(T). 
Equal molar of TCE and PCE (100 µM) were added at the start of each cycle. Error 
bars represent range of errors in duplicate batch reactors. 
 
 
Rates of degradation of TCE as sole contaminant (in first, second, and third TCE 
degradation phases) were 18-54% lower in binary and ternary mixtures of PCE and 1,4-
dioxane (i.e., by comparing rates of TCE degradation in phases T1, TP1, TD1, TPD1 and T2, 
TP2, TD2, TPD2 and T3, TP3, TD3, TPD3; Fig. 3.4a and Supplementary Table 3.S3).  
Decreases in TCE degradation rates in the binary and ternary contaminant mixtures are most 
likely due to competition for HO! radicals by PCE (with a kHO! 62% higher than TCE) or 1,4-
dioxane (with a kHO! approximately 43% higher than TCE and amended at 20-fold higher 
concentrations than TCE) (25).  Rates of degradation of PCE as sole contaminant (in first, 
second, and third PCE degradation phases) were not affected by TCE in binary mixtures of 
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TCE and PCE, but were 4-38 % lower in binary and ternary mixtures containing 1,4-dioxane 
(i.e., by comparing rates of PCE degradation in phases P1, TP1, PD1, TPD1, and P2, TP2, 
PD2, TPD2 and P3, TP3, PD3, TPD3; Fig 3.4b and Supplementary Table 3.S4).  The 
inability of TCE to affect PCE degradation rates is most likely due to the 62% higher kHO! for 
PCE than TCE.  Decreases in PCE degradation rates in the binary and ternary contaminant 
mixtures containing 1,4-dioxane are most likely due to competition for HO! radicals by 1,4-
dioxane, which was amended at 20-fold higher concentrations than PCE.  Rates of 
degradation of 1,4-dioxane as sole contaminant (in first, second, and third TCE degradation 
phases) were 39-65% lower in binary and ternary mixtures of TCE and PCE (i.e., by 
comparing rates of 1,4-dioxane degradation in phases D1, TD1, PD1, TPD1 and D2, TD2, 
PD2, TPD2 and T3, TD3, PD3, TPD3; Fig 3.4c and Supplementary Table 3.S5).  Decreases 
in 1,4-dioxane degradation rates in the binary and ternary contaminant mixtures are most 
likely due to competition for HO! radicals by PCE (with a kHO! 13% higher than 1,4-dioxane; 
Fig. 3.4c).  During the third 1,4-dioxane degradation cycle, however, 1,4-dioxane 
degradation rates rebounded to 70 – 101% of the degradation rates with 1,4-dioxane as sole 
contaminant, most likely due to decreases in PCE concentrations below threshold levels for 
PCE to compete effectively with 1,4-dioxane for HO! radicals during the third contaminant 
degradation cycle (Fig. 3.4c).   
Similar to previous results reported with purely chemical Fenton reactions, results 
of the present study indicate that contaminant degradation rates in the microbially-driven 
Fenton reaction depend on the kHO! of competing contaminants, the initial contaminant 
concentration, and the number of double bonds in the contaminant molecular structure.  In 
binary and ternary mixtures, contaminants with greater kHO! suppress the degradation of other 
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contaminants with lower kHO! and the contaminant degradation phase must be extended for 
longer time periods to degrade contaminants below detection limits (26).   The microbially-
driven Fenton reaction may thus be applied as an effective ex situ platform for simultaneous 





Figure 3.4. Comparison of rate of degradation of TCE, PCE and 1,4-dioxane between 
single, binary and ternary mixtures. Rate of degradation for binary and ternary 
mixtures is calculated as % of rate of single contaminant degradation. (a) TCE, T1 = 1.1 
µM h-1, T2 = 1.5 µM h-1, T3 = 1.4 µM h-1. (b) PCE, P1 = 1.4 µM h-1, P2 = 1.6 µM h-1, P3 
= 1.2 µM h-1. (c) 1,4-Dioxane, D1 = 30.8 µM h-1, D2 = 36.2 µM h-1, D3 = 27.9 µM h-1. 
black, 1st cycle; blue, 2nd cycle; green, 3rd cycle. Error bars represent range of errors in 










Figure 3.4 continued 
 
Microbial respiratory processes catalyze both H2O2 production and Fe(III) re-
reduction in the microbially-driven Fenton reaction designed in the present study.  Microbial 
Fe(III) reduction is a dominant anaerobic respiratory process in many contaminated subsurface 
environments (57), which suggests that the microbially-driven Fenton reaction may be stimulated 
in situ by exposing Fe(III)-reducing facultative anaerobes in Fe(III)-containing contaminated 
environments to alternating anaerobic and aerobic conditions.  Other in situ remediation 
strategies may include stimulation of the microbially-driven Fenton reaction by placing reactive 
iron barriers in the flow path of contaminated subsurface aquifers and exposing Fe(III)-reducing 
bacteria attached to the iron barriers to alternating anaerobic and aerobic conditions (58). In 
principal, targets for ex situ and in situ degradation by the microbially-driven Fenton reaction 
developed in the present study include multiple combinations of environmental contaminants 
susceptible to attack by Fenton reaction-generated HO! radicals, including co-mingled plumes of 
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Figure 3.S1. Growth curve of S. oneidensis in the presence of 0 µM contaminants; 
solid black (#), 100 µM TCE; solid blue (▲), 100 µM TCE + 120 mM mannitol; 
dashed blue (▲), 100 µM TCE + 20 mM thiourea; dotted blue (▲), 100 µM PCE; 
solid green (!), 100 µM PCE + 120 mM mannitol; dashed green (!), 100 µM PCE + 
20 mM thiourea; dotted green (!), 100 µM TCE + 100 µM PCE + 2 mM 1,4-dioxane; 
solid red ($), 100 µM TCE + 100 µM PCE + 2 mM 1,4-dioxane + 120 mM mannitol; 
dashed red ($), 100 µM TCE + 100 µM PCE + 2 mM 1,4-dioxane + 20 mM thiourea 
dotted red ($). Cell cultures were grown in LS media under aerobic conditions in 





















Figure 3.S2. TCE concentrations during microbial Fenton degradation of single, binary, 
and ternary mixtures of TPD in fed-batch liquid cultures of S. oneidensis amended with 
10 mM Fe(III)-citrate, 100 µM TCE, 100 µM PCE  and 2 mM 1,4-dioxane and 
subjected to : Anaerobic (0-1, 7-8, 14-15 day time periods), aerobic (1-2, 8-9, 15-16 day 
time periods) and TPD degradation (2-7, 9-14, 16-19 day time periods) phases: (a) TCE 
only; (b) TCE + PCE; (c) TCE + 1,4-dioxane; (d) TCE + PCE + 1,4-dioxane; solid filled 
red (#), contaminant only; solid unfilled black (▲), contaminant + thiourea; solid 
unfilled blue ($), contaminant + mannitol; dashed filled blue ($), nitrate; dashed filled 
green (!), anaerobic only; solid unfilled green (!), Fe(III) omitted; solid unfilled red 
(#), cells omitted. Grey shaded areas correspond to Fe(II)-generating phase, yellow 
shaded areas correspond to H2O2-generating phase, and unshaded areas correspond to 
contaminant degradation phase. Arrows indicate time of addition (day 2) and respiking 













Figure 3.S3. PCE concentrations during microbial Fenton degradation of single, binary, 
and ternary mixtures of TPD in fed-batch liquid cultures of S. oneidensis amended with 
10 mM Fe(III)-citrate, 100 µM TCE, 100 µM PCE  and 2 mM 1,4-dioxane and 
subjected to : Anaerobic (0-1, 7-8, 14-15 day time periods), aerobic (1-2, 8-9, 15-16 day 
time periods) and TPD degradation (2-7, 9-14, 16-19 day time periods) phases: (a) PCE 
only; (b) PCE + TCE; (c) PCE + 1,4-dioxane; (d) PCE + TCE + 1,4-dioxane; solid filled 
red (#), contaminant only; solid unfilled black (▲), contaminant + thiourea; solid 
unfilled blue ($), contaminant + mannitol; dashed filled blue ($), nitrate; dashed filled 
green (!), anaerobic only; solid unfilled green (!), Fe(III) omitted; solid unfilled red 
(#), cells omitted. Grey shaded areas correspond to Fe(II)-generating phase, yellow 
shaded areas correspond to H2O2-generating phase, and unshaded areas correspond to 
contaminant degradation phase. Arrows indicate time of addition (day 2) and respiking 











Figure 3.S4. 1,4-Dioxane concentrations during microbial Fenton degradation of single, 
binary, and ternary mixtures of TPD in fed-batch liquid cultures of S. oneidensis 
amended with 10 mM Fe(III)-citrate, 100 µM TCE, 100 µM PCE  and 2 mM 1,4-
dioxane and subjected to : Anaerobic (0-1, 7-8, 14-15 day time periods), aerobic (1-2, 8-
9, 15-16 day time periods) and TPD degradation (2-7, 9-14, 16-19 day time periods) 
phases: (a) 1,4-dioxane only; (b) 1,4-dioxane + TCE; (c) 1,4-dioxane + PCE; (d) 1,4-
dioxane + TCE + PCE; solid filled red (#), contaminant only; solid unfilled black (▲), 
contaminant + thiourea; solid unfilled blue ($), contaminant + mannitol; dashed filled 
blue ($), nitrate; dashed filled green (!), anaerobic only; solid unfilled green (!), Fe(III) 
omitted; solid unfilled red (#), cells omitted. Grey shaded areas correspond to Fe(II)-
generating phase, yellow shaded areas correspond to H2O2-generating phase, and 
unshaded areas correspond to contaminant degradation phase. Arrows indicate time of 
addition (day 2) and respiking (day 9 & 16) of contaminants. Error bars represent 











Figure 3.S5. Fe(II) concentrations during microbial Fenton degradation of single, 
binary, and ternary mixtures of TPD in fed-batch liquid cultures of S. oneidensis 
amended with 10 mM Fe(III)-citrate, 100 µM TCE, 100 µM PCE  and 2 mM 1,4-
dioxane and subjected to : Anaerobic (0-1, 7-8, 14-15 day time periods), aerobic (1-2, 8-
9, 15-16 day time periods) and TPD degradation (2-7, 9-14, 16-19 day time periods) 
phases: (a) TCE only; (b) PCE only; (c) 1,4-dioxane only; (d) TCE + PCE; (e) TCE + 
1,4-dioxane; (f) PCE + 1,4-dioxane; (g) TCE + PCE + 1,4-dioxane; solid filled red (#), 
contaminant only; solid unfilled black (▲), contaminant + thiourea; ; solid unfilled blue 
($), contaminant + mannitol; dashed filled green (!), anaerobic only; solid unfilled 
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green (!), Fe(III) omitted; solid unfilled red (#), cells omitted. Grey shaded areas 
correspond to Fe(II)-generating phase, yellow shaded areas correspond to H2O2-
generating phase, and unshaded areas correspond to contaminant degradation phase. 
























Figure 3.S6. Lactate concentrations profiles during microbial Fenton degradation of 
single, binary, and ternary mixtures of TPD in fed-batch liquid cultures of S. 
oneidensis amended with 10 mM Fe(III)-citrate, 100 µM TCE, 100 µM PCE  and 2 
mM 1,4-dioxane) and subjected to : Anaerobic (0-1, 7-8, 14-15 day time periods), 
aerobic (1-2, 8-9, 15-16 day time periods) and TPD degradation (2-7, 9-14, 16-19 day 
time periods) phases; solid red (#), TCE only; solid black (x), TCE + 1,4-dioxane; 
solid green (! ), TCE + PCE; solid black (▲), TCE + PCE + 1,4-dioxane; dashed 
black (#), no contaminant control. Grey shaded areas correspond to Fe(II)-
generating phase, yellow shaded areas correspond to H2O2-generating phase, and 
unshaded areas correspond to contaminant degradation phase. Arrows indicate time 
of addition (day 2) and respiking (day 9 & 16) of contaminants. Error bars represent 








Figure 3.S7. Lactate concentrations profiles during microbial Fenton degradation of 
single, binary, and ternary mixtures of TPD in fed-batch liquid cultures of S. 
oneidensis amended with 10 mM Fe(III)-citrate, 100 µM TCE, 100 µM PCE  and 2 
mM 1,4-dioxane) and subjected to : Anaerobic (0-1, 7-8, 14-15 day time periods), 
aerobic (1-2, 8-9, 15-16 day time periods) and TPD degradation (2-7, 9-14, 16-19 day 
time periods) phases; solid red (#), PCE only; solid blue ($), PCE + 1,4-dioxane; 
solid green (! ), TCE + PCE; solid black (▲), TCE + PCE + 1,4-dioxane; dashed 
black (#), no contaminant control. Grey shaded areas correspond to Fe(II)-
generating phase, yellow shaded areas correspond to H2O2-generating phase, and 
unshaded areas correspond to contaminant degradation phase. Arrows indicate time 
of addition (day 2) and respiking (day 9 & 16) of contaminants. Error bars represent 

















Figure 3.S8. Lactate concentrations profiles during microbial Fenton degradation of 
single, double and triple combinations of TPD in fed-batch liquid cultures of S. 
oneidensis amended with 10 mM Fe(III)-citrate, 100 µM TCE, 100 µM PCE  and 2 
mM 1,4-dioxane) and subjected to : Anaerobic (0-1, 7-8, 14-15 day time periods), 
aerobic (1-2, 8-9, 15-16 day time periods) and TPD degradation (2-7, 9-14, 16-19 day 
time periods) phases; solid red (#), 1,4-dioxane only; solid blue ($), PCE + 1,4-
dioxane; solid black (x), TCE + 1,4-dioxane; solid black (▲), TCE + PCE + 1,4-
dioxane; dashed black (#), no contaminant control. Grey shaded areas correspond 
to Fe(II)-generating phase, yellow shaded areas correspond to H2O2-generating 
phase, and unshaded areas correspond to contaminant degradation phase. Arrows 
indicate time of addition (day 2) and respiking (day 9 & 16) of contaminants. Error 
























Figure 3.S9. Acetate concentrations profiles during microbial Fenton degradation of 
single, binary, and ternary mixtures of TPD in fed-batch liquid cultures of S. 
oneidensis amended with 10 mM Fe(III)-citrate, 100 µM TCE, 100 µM PCE  and 2 
mM 1,4-dioxane) and subjected to : Anaerobic (0-1, 7-8, 14-15 day time periods), 
aerobic (1-2, 8-9, 15-16 day time periods) and TPD degradation (2-7, 9-14, 16-19 day 
time periods) phases; solid red (#), TCE only; solid black (x), TCE + 1,4-dioxane; 
solid green (! ), TCE + PCE; solid black (▲), TCE + PCE + 1,4-dioxane; dashed 
black (#), no contaminant control. Grey shaded areas correspond to Fe(II)-
generating phase, yellow shaded areas correspond to H2O2-generating phase, and 
unshaded areas correspond to contaminant degradation phase. Arrows indicate time 
of addition (day 2) and respiking (day 9 & 16) of contaminants. Error bars represent 

























Figure 3.S10. Acetate concentrations profiles during microbial Fenton degradation 
of single, binary, and ternary mixtures of TPD in fed-batch liquid cultures of S. 
oneidensis amended with 10 mM Fe(III)-citrate, 100 µM TCE, 100 µM PCE  and 2 
mM 1,4-dioxane) and subjected to : Anaerobic (0-1, 7-8, 14-15 day time periods), 
aerobic (1-2, 8-9, 15-16 day time periods) and TPD degradation (2-7, 9-14, 16-19 day 
time periods) phases; solid red (#), PCE only; solid blue ($), PCE + 1,4-dioxane; 
solid green (! ), TCE + PCE; solid black (▲), TCE + PCE + 1,4-dioxane; dashed 
black (#), no contaminant control. Grey shaded areas correspond to Fe(II)-
generating phase, yellow shaded areas correspond to H2O2-generating phase, and 
unshaded areas correspond to contaminant degradation phase. Arrows indicate time 
of addition (day 2) and respiking (day 9 & 16) of contaminants. Error bars represent 

























Figure 3.S11.  Acetate concentrations profiles during microbial Fenton degradation 
of single, binary, and ternary mixtures of TPD in fed-batch liquid cultures of S. 
oneidensis amended with 10 mM Fe(III)-citrate, 100 µM TCE, 100 µM PCE  and 2 
mM 1,4-dioxane) and subjected to : Anaerobic (0-1, 7-8, 14-15 day time periods), 
aerobic (1-2, 8-9, 15-16 day time periods) and TPD degradation (2-7, 9-14, 16-19 day 
time periods) phases; solid red (#), 1,4-dioxane only; solid blue ($), PCE + 1,4-
dioxane; solid black (x), TCE + 1,4-dioxane; solid black (▲), TCE + PCE + 1,4-
dioxane; dashed black (#), no contaminant control. Grey shaded areas correspond 
to Fe(II)-generating phase, yellow shaded areas correspond to H2O2-generating 
phase, and unshaded areas correspond to contaminant degradation phase. Arrows 
indicate time of addition (day 2) and respiking (day 9 & 16) of contaminants. Error 




































Figure 3.S12. Lactate concentrations during microbial Fenton degradation of single, 
binary, and ternary mixtures of TPD in fed-batch liquid cultures of S. oneidensis 
amended with 10 mM Fe(III)-citrate, 100 µM TCE, 100 µM PCE  and 2 mM 1,4-
dioxane and subjected to : Anaerobic (0-1, 7-8, 14-15 day time periods), aerobic (1-2, 
8-9, 15-16 day time periods) and TPD degradation (2-7, 9-14, 16-19 day time 
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periods) phases: (a) TCE only; (b) PCE only; (c) 1,4-dioxane only; (d) TCE + PCE; 
(e) TCE + 1,4-dioxane; (f) PCE + 1,4-dioxane; (g) TCE + PCE + 1,4-dioxane; solid 
filled red (#), contaminant only; solid unfilled black (▲), contaminant + thiourea; ; 
dashed filled blue ($), nitrate; solid unfilled blue ($), contaminant + mannitol; 
dashed filled green (! ), anaerobic only; solid unfilled green (! ), Fe(III) omitted; 
solid unfilled red (#), cells omitted. Grey shaded areas correspond to Fe(II)-
generating phase, yellow shaded areas correspond to H2O2-generating phase, and 
unshaded areas correspond to contaminant degradation phase. Arrows indicate time 
of addition (day 2) and respiking (day 9 & 16) of contaminants. Error bars represent 










































   
Figure 3.S13. Acetate concentrations during microbial Fenton degradation of single, 
binary, and ternary mixtures of TPD in fed-batch liquid cultures of S. oneidensis 
amended with 10 mM Fe(III)-citrate, 100 µM TCE, 100 µM PCE  and 2 mM 1,4-
dioxane and subjected to : Anaerobic (0-1, 7-8, 14-15 day time periods), aerobic (1-2, 
!
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8-9, 15-16 day time periods) and TPD degradation (2-7, 9-14, 16-19 day time 
periods) phases: (a) TCE only; (b) PCE only; (c) 1,4-dioxane only; (d) TCE + PCE; 
(e) TCE + 1,4-dioxane; (f) PCE + 1,4-dioxane; (g) TCE + PCE + 1,4-dioxane; solid 
filled red (#), contaminant only; solid unfilled black (▲), contaminant + thiourea; 
dashed filled blue ($), nitrate; solid unfilled blue ($), contaminant + mannitol; 
dashed filled green (! ), anaerobic only; solid unfilled green (! ), Fe(III) omitted; 
solid unfilled red (#), cells omitted. Grey shaded areas correspond to Fe(II)-
generating phase, yellow shaded areas correspond to H2O2-generating phase, and 
unshaded areas correspond to contaminant degradation phase. Arrows indicate time 
of addition (day 2) and respiking (day 9 & 16) of contaminants. Error bars represent 




























Figure 3.S14. Experimental setup of the new microbially-driven Fenton reaction system 






























Table 3.S1. Limit of detection (LOD) and the limit of quantitation (LOQ) of analytes 
in this study 
 
 
Compound Limit of detection (LOD) Limit of quantitation (LOQ) 
1,4-Dioxane 0.2 mM 0.7 mM 
Acetate 40.4 µM 134.6 µM 
Lactate 18.0 µM 59.9 µM 
Trichloroethylene 7.6 µM 23.0 µM 
Tetrachloroethylene 8.9 µM 26.9 µM 
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Table 3.S2: Composition of LS medium 
 
Compound Concentration (mM) 
Sodium DL lactate 10  
Potassium Phosphate 10  
NH4SO4 15  
MgSO4. 7H2O 1  
CaCl2.2H2O 0.48  
EDTA, disodium salt 0.67  
FeSO4.7H2O 0.1  
NaHCO3 0.2  
FeCl3 0.1  
Na2SeO4 0.01  
H3BO3 0.05  
ZnSO4.7H2O 0.005  
Na2MoO4.2H2O 0.007  
CuSO4.5H2O 0.001  
MnSO4.H2O 0.001  
CoSO4.7H2O 0.05  
NiCl2.6H2O 0.08 
NaCl 0.1  
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Table 3.S3. Initial rates of TCE degradation in the presence and absence of PCE and 1,4-dioxane during the microbially-
driven Fenton reaction in a fed-batch reactor (% of T1, T2 and T3 for cycles 1, 2 and 3 respectively in parenthesis) 
Cycle T (µM h-1) TP (µM h-1) TD (µM h-1) TPD (µM h-1) 
1 1.1 ± 0.07  0.8 ± 0.19 (71%) 0.9 ± 0.12 (82%) 0.8 ± 0.05 (74%) 
2 1.5 ± 0.01 0.8 ± 0.14 (51%) 1.0 ± 0.23 (67%) 0.8 ± 0.30 (55%) 
3 1.4 ± 0.11 0.6 ± 0.07 (46%) 0.9 ± 0.02 (65%) 1.0 ± 0.20 (74%) 
 


















Table 3.S4. Initial rates of PCE degradation in the presence and absence of TCE and 1,4-dioxane during the microbially-
driven Fenton reaction in a fed-batch reactor (% of P1, P2 and P3 for cycles 1, 2 and 3 respectively in parenthesis) 
 
Cycle P (µM h-1) PT (µM h-1) PD (µM h-1) TPD (µM h-1) 
1 1.4 ± 0.32 1.6 ± 0.28 (110%) 1.1 ± 0.28(75%) 0.9 ± 0.04 (62%) 
2 1.6 ± 0.11 1.4 ± 0.22 (88%) 1.1 ± 0.04 (69%) 1.5 ± 0.10 (96%) 
3 1.2 ± 0.12 1.2 ± 0.07 (98%) 0.8 ± 0.20 (69%) 0.9 ± 0.08 (72%) 
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Table 3.S5. Initial rates of 1,4-Dioxane degradation in the presence and absence of TCE and PCE during the microbially-
driven Fenton reaction in a fed-batch reactor (% of D1, D2 and D3 for cycles 1, 2 and 3 respectively in parenthesis) 
 
Cycle D (µM h-1) DT (µM h-1) DP (µM h-1) TPD (µM h-1) 
1 30.8 ± 8.25  10.9 ± 4.14 (35%) 12.1 ± 1.12 (39%) 16.8 ± 5.55 (54%) 
2 36.2 ± 4.13  22.2 ± 3.46 (61%) 13.9 ± 4.14 (38%) 13.0 ± 1.47 (35%) 




Table 3.S6. Ratio between rate of degradation of 1,4-dioxane and TCE across three 
contaminant degradation phase cycles. 
!
Cycle Single contaminant Binary mixture Ternary mixture 
1 29.1 ± 6.31 14.4 ± 2.24 21.3 ± 5.11 
2 24.8 ± 2.60 29.6 ± 4.25 16.1 ± 3.34 







Table 3.S7. Ratio between rate of degradation of 1,4-dioxane and PCE across three 
contaminant degradation phase cycles. 
!
Cycle Single contaminant Binary mixture Ternary mixture 
1 21.7 ± 3.61 11.3 ± 1.31 19.1 ± 3.49 
2 23.5 ± 0.61 12.9 ± 3.21 8.8 ± 1.17 








NON-ENZYMATIC MICROBIALLY-DRIVEN PRODUCTION OF  





Pretreatment of recalcitrant lignocellulosic biomass is one of the most expensive steps in 
commercialization of lignocellulose bioprocessing.  Efficient hydrolysis of pretreated 
cellulose and hemicellulose to fermentable sugars is also challenging since a multitude of 
lignocellulose-hydrolyzing enzymes are required. In the present study, we have developed a 
new method for lignocellulose degradation that combines both pretreatment and 
saccharification of cellulose and xylan in a single-step by a microbially-driven Fenton 
reaction system. The reaction produced a mixture of short oligosaccharides dominated by 
monomer sugars. Wild type Fe(III)-respiring S. oneidensis is unable to utilize cellodextrin and 
xylodextrin sugars as carbon and energy source, thus facilitating accumulation of large 
concentrations of fermentable sugars. The combined pretreatment and saccharification method 
for cellulose and xylan developed did not require the addition of acidic or alkali compounds or 
the use of hydrolyzing enzymes thus providing an economically feasible process to directly 
produce simple fermentable sugars from cellulose and xylan. The utility of the fermentable 
sugars produced from the microbially-driven Fenton degradation of lignocellulose was 






4.1 Introduction  
 
Lignocellulosic biomass is the most abundant renewable resource for the biofuel 
and biorefinery industries and is a major global reservoir of organic carbon (1, 2).  
Complex carbohydrate (cellulose and hemicellulose) and aromatic (lignin) polymers are the 
main components of lignocellulosic biomass. The carbohydrate polymers are composed of 
different sugar monomers (mainly glucose and xylose) that are tightly bound to lignin via 
ester and ether linkages (3). The crystalline structure of cellulose fibrils along with the tight 
bonding with lignin render lignocellulose highly recalcitrant to degradation by microbial 
enzymes (4). Lignocellulose degradation in terrestrial environments is mediated by 
enzymes produced by lignocellulolytic fungi or bacteria, including carbohydrate hydrolases 
(e.g., cellulases and hemicellulases) and oxidative lignin-degrading enzymes (e.g., laccase 
and peroxidases)(2, 5, 6). More than 50% of the terrestrially-derived lignocellulosic flux 
from the continents to the ocean is remineralized in coastal marine environments by marine 
cellulolytic bacteria (2).  
 
Conventional bioprocesses for production of biofuel or biorefinery products 
consists of polymer size reduction, pretreatment, enzymatic hydrolysis (saccharification), 
fermentation, and downstream product recovery. Pretreatment is required to breakdown the 
rigid lignocellulosic structure, rendering the structure more accessible to hydrolyzing 
enzymes (7). Enzymatic hydrolysis of pretreated lignocellulose produces simple sugars 
such as glucose and xylose that are subsequently metabolized to useful secondary 
chemicals. Simultaneous saccharification and co-fermentation (SSCF) and consolidated 
bioprocessing (i.e., combined enzyme production, hydrolysis and fermentation) have been 
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developed to reduce the costs of converting lignocellulosic biomass to useful secondary 
chemicals (6, 8). However, due to the recalcitrance of lignocellulosic biomass, pretreatment 
processes remain the main bottleneck and one of the most expensive steps in 
commercialization of lignocellulose bioprocessing (9-11). Current physical and chemical 
pretreatment technologies (e.g., milling, ammonia fiber explosion, CO2 explosion, steam 
explosion, ozonolysis, acid hydrolysis, alkaline hydrolysis, ionic liquids) are problematic 
due to costs, pollution, safety, high energy demand, and the requirement for detoxification 
of phenolic inhibitory byproducts after pretreatment (10, 12). Biological pretreatment of 
lignocellulosic biomass, on the other hand, requires a unique synergistic consortia of 
bacteria and fungi for lignocellulose degradation activity (5). Efficient hydrolysis of 
pretreated cellulose and hemicellulose to fermentable sugars is also challenging since 
complete hydrolysis often requires a multitude of lignocellulose-hydrolyzing enzymes (6, 
13).  
Chemical oxidation is an attractive method to degrade lignocellulosic biomass (14-
16). Lignocellulose depolymerization is driven by fungal lignolytic enzymes (e.g., 
peroxidases, laccases) that hydrolyze cellulose and partially degrade lignin via Fenton 
reaction-based chemistry (17-19). Recently, a new class of enzymes called lytic 
polysaccharide monooxygenases was identified from the fungus Neurospora crassa that 
employ an oxidative mechanism to degrade cellulose and hemicellulose (20, 21). 
Lignocellulose pretreatment via chemical (purely abiotic) Fenton reactions have also 
improved subsequent enzymatic saccharification of biomass and increase overall sugar 
yields (22). In the abiotic Fenton reaction (eq 1), hydrogen peroxide (H2O2) reacts with 
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ferrous iron (Fe(II)) to produce Fe(III), hydroxyl ion (OH-), and lignocellulose-
depolymerizing HO! radical: 
Fe(II) + H2O2 "Fe(III) + OH- + HO!   (1) 
In addition to lignocellulose, HO! radicals oxidatively degrade a wide variety 
of environmental contaminants, including pentachlorophenol (PCP)(23, 24) and 1,4-
dioxane (25). Conventional Fenton reaction-driven pretreatment of lignocellulose is 
limited, however, by the high concentrations of Fenton reagents Fe(II) and H2O2 that 
must be continuously supplied to produce HO! radicals that drive lignocellulose 
degradation (16, 22). UV irradiation is often employed to induce Fe(III) re-reduction and 
photolytic radical production in photo-Fenton systems.  The UV irradiation systems, 
however, are limited by UV light penetration, and H2O2 must still be continuously 
supplied to drive the conventional Fenton reaction (25). Although pretreatment of 
cellulose and hemicellulose by the Fenton reaction produce reducing sugars (26), the 
identity of the oligosaccharides produced from HO! radical-based lignocellulosic 
degradation remain unknown. 
Microbially-driven Fenton reactions that alternately produce the Fenton 
reagents H2O2 (via microbial O2 respiration) and Fe(II) (via microbial Fe(III) reduction) at 
neutral pH alleviate the need for continual addition of H2O2 and Fe(II) to drive HO! 
radical production (25, 27-29).  The Fe(III)-reducing facultative anaerobe Shewanella 
oneidensis was recently employed to drive the Fenton reaction for oxidative degradation 
of PCP and 1,4-dioxane (24, 25).  In the S. oneidensis-driven Fenton reaction, batch 
liquid cultures were amended with Fe(III) and contaminants and subsequently exposed to 
alternating aerobic and anaerobic conditions.  During the aerobic period, S. oneidensis 
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produced H2O2 via microbial O2 respiration, while during the anaerobic period S. 
oneidensis produced Fe(II) via microbial Fe(III) reduction.  During the transition from 
aerobic-to-anaerobic conditions, H2O2 and Fe(II) interacted chemically via the Fenton 
reaction to produce HO! radicals that degraded PCP (24) and 1,4-dioxane (25).  An 
identical microbially driven Fenton reaction was employed in the present study to 
generate HO! radicals for pretreatment of cellulose and hemicellulose, degradation of 
cellodextrins and xylodextrins, and production of short-chain sugar oligosaccharides in a 
single reactor system that did not require addition of conventional lignocellulose-
hydrolyzing enzymes. 
 
4.2 Materials and methods 
 
Culture Medium and Chemical Reagents. S. oneidensis was routinely cultured 
aerobically on LB medium (10 g/L tryptone, 5 g/L yeast extract, and 10 g/L NaCl) at 
30°C.(30) Cellulose, hemicellulose, cellodextrin and xylodextrin degradation 
experiments were conducted in minimal salt solution (LS; pH 7.0, Supplementary Table 
4.S3) amended with 50 mM lactate as carbon and energy source and 10 mM Fe(III)-
citrate as anaerobic electron acceptor. Fe(III) citrate was prepared by previously 
described methods (31). All chemicals unless otherwise specified were obtained from 
Sigma-Aldrich. Cellotriose, cellotetraose, cellopentaose, cellohexaose, xylobiose, 
xylotriose, xylotetraose, xylopentaose, and xylohexaose were obtained from Megazyme 
Inc. In the microbially-driven Fenton degradation experiments, sugar compounds were 
added to the fed batch reactor at the following concentrations: Carboxymethyl cellulose 
(CMC; 1% w/v), xylan (1% w/v), each cellodextrin (100 µM), and each xylodextrin (100 
µM). The sugar compounds were designated as follows: Glucose = G1, Cellobiose = G2, 
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Cellotriose = G3, Cellotetraose = G4, Cellopentaose = G5, Cellohexaose = G6, Xylose = 
X1, Xylobiose = X2, Xylotriose = X3, Xylotetraose = X4, Xylopentaose = X5, 
Xylohexaose = X6. 
 
Microbially Driven Fenton Degradation of CMC and Xylan on Solid Agar 
Medium. The degradation of CMC and xylan by the S. oneidensis-driven Fenton reaction 
was tested during colony growth on solid agar growth medium. S. oneidensis cells were 
serially-diluted on LS agar medium supplemented with CMC or xylan (1% w/v), Congo 
red dye (0.04% w/v), 10 mM Fe(III) and incubated at 30°C for 48 h. Congo red dye 
specifically binds to beta-glucans to form red-colored dye-polysaccharide complexes 
(32). A series of three controls incubations were carried out on solid agar growth medium 
with the following changes: CMC or xylan omitted, Fe(III) omitted, and incubations in 
the presence of HO! scavenging compound thiourea (40 mM). The resulting colonies 
were visually scored for the presence of clear halos around the aerobically grown 
colonies that indicated degradation of CMC and xylan (32, 33).  
Design of a Microbially Driven Fenton Reaction for Degradation of CMC, 
Xylan, Cellodextrin, and Xylodextrin Compounds. The experimental conditions for 
the microbially-driven Fenton degradation of cellulose, xylan, cellodextrin and 
xylodextrin compounds (designated as CXcx) were similar to the batch reactor system 
previously employed for 1,4-dioxane degradation with a few modifications (25). S. 
oneidensis was grown aerobically pregrown in LB, harvested and resuspended in LS 
medium (amended with 10 mM Fe(III), 50 mM lactate) to a final cell density of 109 cells 
mL-1 in 60-mL glass serum bottles. Anaerobic stock solutions of CXcx compounds were 
added and the cell cultures were incubated under anaerobic conditions by injecting 
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(hydrated) compressed nitrogen until 10 mM Fe(III) was reduced to 8.6-9.7 mM Fe(II) (6 
h of anaerobic incubation; Fe(II) generating phase). The compressed nitrogen line was 
replaced by a (hydrated) compressed air line to initiate aerobic conditions and 8.6-9.7 
mM Fe(II) was oxidized to 0.7-1.6 mM (6 h of aerobic incubation;  HO! production 
phase). During the aerobic phase, the Fenton reagents Fe(II) (produced by microbial 
Fe(III) reduction) and H2O2 (produced by microbial O2 reduction) reacted to generate 
HO! radicals. Sugar concentrations were monitored throughout the experiments via high 
pressure liquid chromatography (HPLC). Following the first aerobic phase, the anaerobic 
and aerobic phases were alternated for 12 h and 6 h respectively for 156 h and the reactor 
temperature (25’C) and pH (7.0) were held constant throughout the experiment. 
 
Inhibition of the Microbially-Driven Fenton Reaction in Control 
Incubations.  A series of four control incubations were carried out to confirm that CXcx 
were degraded by HO! radicals generated by the S. oneidensis-driven Fenton reaction.  
The four control incubations were carried out in the batch reactor system described above 
with the following changes:  In the first set of control incubations, sugar concentrations 
were monitored under alternating anaerobic and aerobic conditions with 15 mM NO3- 
replacing 10 mM Fe(III) as electron acceptor. In the second set of control incubations, the 
sugar degradation process was carried out in the presence of the HO! radical scavenging 
compound thiourea (20 mM) added to the batch reactor system. In the third set of control 
incubations, sugar degradation was monitored in the absence of either Fe(III) or S. 
oneidensis cells (abiotic control).  In the fourth set of control incubations, sugar 
concentrations were monitored in abiotic sealed serum bottles maintained under strict 
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anaerobic conditions without compressed nitrogen sparging for the entire incubation 
period. 
     Polyhydroxybutyrate (PHB) Production Derived From Fenton Degradation 
of Xylan by D-Xylose-Adapted S. oneidensis Mutant XM1. To produce PHB from 
Fenton-degraded xylan, S. oneidensis strain XM1 (a previously developed strain capable 
of metabolizing D-xylose (See Chapter 5) and harboring the PHB biosynthetic genes 
phaCAB in pBBR1MCS plasmid was cultured in LB with 0.5 mM arabinose for 24 h. 
Following expression of PHB biosynthetic genes phaCAB, the cells were resuspended in 
spent media resulting from Fenton degraded xylan (consisting of xylan degradation 
products including D-xylose).  Lactate was completely consumed after 138 h of Fenton 
reaction (Fig. 4.S3). The spent media was incubated at 30˚C for 96 h and samples  were 
periodically drawn to determine the concentration of D-xylose and PHB. 
 
Analytical Techniques. Samples were withdrawn and centrifuged at 6000 x g for 
10 min. HCl-extracted Fe(II) concentrations were determined with a previously described 
Ferrozine-based detection technique (34). Soluble sugar compounds were measured via 
HPLC according to a previously described protocol (35). 300 µL of an aqueous solution 
of sugar sample was mixed with 116 mM sodium cyanoborohydride solution in water, 
350 mM aminobenzoic butyl ester (ABBE) and 0.83% acetic acid in a total volume of  
1.2 mL. The solution was mixed and heated at 80°C for 60 min. Cyanoborohydride is the 
reductant of the ABBE bound-sugars after they dehydrate during the addition of ABBE. 
Subsequently, the aqueous phase was extracted three times with 0.5 mL chloroform and 
directly injected into the HPLC system. The sugar compounds were detected using a 
SUPELCOSIL LC-18-DB column (reverse phase) with mobile phase comprised of 0.1 M 
!
134!
ammonium acetate, pH 4.5, and acetonitrile (75:25, v/v) at a flow rate of 0.5 mL/min 
(Table 4.S1). Chromatograms were generated at 260 nm for the sugar compounds with 
retention times as shown in Supplementary Table 4.S2. Calibration curves were 
generated from standards to determine the concentrations of each compound. Lactate was 
analyzed via anion exchange HPLC using a SUPELCOGEL C-610H column with 0.1% 
H3PO4 as the mobile phase and a constant flow rate of 0.3 ml/min. Chromatograms were 
generated at 210 nm for lactate with retention times of 29.4 min.  Calibration curves were 
generated from standards to determine the concentrations.  
To determine the concentration of the reducing end of insoluble sugars, 50 mL of 
spent culture was washed with 3X volume of cold acetone and ethanol. The mixture was 
centrifuged at 15,000 x g for 5 min and the sugar pellet was weighed and resolubilized in 2 
mL of 3 M NaOH solution. The mixture was centrifuged at 15,000 x g for 5 min. The 
concentration of reducing ends of the supernatant was determined by the dinitrosalicylic 
acid (DNS) assay. 100 µL of the supernatant was added to 900 µL of DNS solution. DNS 
solution was prepared as follows: 0.75% 3,5-dinitrosalycylic acid, 1.4% sodium hydroxide, 
21.6% potassium sodium tartrate, 0.55% phenol and 0.55% sodium metabisulfate dissolved 
in water. The mixture was then boiled for 5 min, centrifuged at 15,000 x g for 5 min and the 
optical density of the supernatant was measured at 545 nm. Reducing sugar concentrations 
were calculated using glucose as standard (36). 
PHB was analyzed as described previously (37, 38). Cell pellets were boiled in 
0.5 mL of concentrated sulfuric acid for 60 min and then diluted with 1 mL of 14 mM 
H2SO4. Samples were centrifuged for 15 min at 16,000g cell debris and the supernatant 
was analyzed via liquid chromatography (LC) using a ZORBAX SB-C18 column with 
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5% aqueous acetonitrile at pH 2.8 as the mobile phase and a constant flow rate of 0.3 
ml/min. Chromatograms were generated at 210 nm at a retention time of 7 min.  
 
 
4.3. Results and Discussion 
 
 
The microbially driven Fenton degradation of carboxymethyl cellulose (CMC) 
and xylan was first tested on solid agar media. Following 48 h of aerobic incubation, S. 
oneidensis colonies displayed distinct halos in the presence of Fe(III) and congo red 
indicating depolymerization activity (Fig. 1). HO! radical-mediated degradation of the 
polymers was confirmed by the addition of thiourea, a HO! radical-scavenging 
compound that inhibited degradation of CMC and xylan (Fig. 4.1). The degradation of 
CMC and xylan was subsequently demonstrated in a liquid batch reactor similar to a 
system previously employed for 1,4-dioxane degradation (Fig. 4.2) (25). Strikingly, 
during the initial 78 h period of the microbially-driven Fenton reaction with CMC and 
xylan, cellodextrins and xylodextrins accumulated at only low levels (Fig. 4.3).  
To further investigate this initial period, the concentration of total reducing 
ends of the insoluble polymers was quantified by the DNS assay. The glucose-equivalent 
reducing end concentration for insoluble CMC and xylan increased sharply during the 
initial 78 h period (at rates of 0.56 and 1.42 µM mg-1 for CMC and xylan, respectively) 
indicating that the polymers underwent a fragmentation phase during this initial 78 h 














Figure 4.1. Microbially-driven Fenton degradation of cellulose (1% w/v) and xylan 
(1% w/v) by S. oneidensis on solid agar medium supplemented with Congo red dye 
(0.04% w/v) and 10 mM Fe(III). Black arrows indicate halos around colony: (A) 
CMC Fenton;  (B) CMC Fenton – Fe(III) omitted; (C) CMC Fenton – thiourea; (D) 
Sugar omitted (CMC); (E) xylan Fenton; (F) xylan Fenton - Fe(III) omitted; (G) 





Figure 4.2. Experimental setup for the microbially driven Fenton reaction system to 
degrade cellulose and xylan in a batch reactor. Fe(II) produced during anaerobic 
phases interacts chemically via the Fenton reaction with H2O2 produced during 
aerobic phases to yield HO!  radicals that oxidatively degrade cellulose and xylan 
 
period), the cellodextrin and xylodextrin compounds G1-6 and X1-6 began to 
accumulate, indicating that shorter oligosaccharides began to peel off the partially 
fragmented polymers (Figs. 4.3 and 4.S26-4.S29). Also during this period, the total 
reducing ends of the insoluble polymers began to plateau (Fig. 4.3B) or even decrease 
(Fig. 4.3C) correlating with the accumulation of soluble sugars (cellodextrins and 
xylodextrins respectively). This result indicates that following the fragmentation phase, 
the insoluble polymers further degraded producing soluble shorter oligosaccharides (G1-
6 & X1-6). The total glucose-equivalent reducing end and total short oligosaccharide 
concentrations (degree of polymerization, DP 1-6) from xylan degradation was 2- (Figs. 
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4.3C and 4.S30B) and 8-fold (Figs. 4.3 and 4.S26-27) greater than that from CMC 
degradation, most likely because xylan is more  
 
 
Figure 4.3. Microbial Fenton degradation of CMC and xylan in batch liquid 
cultures of S. oneidensis amended with 10 mM Fe(III) and 1% w/v CMC/xylan with 
an aerobic and anaerobic cycling period of 6 and 12 h respectively. (A) Fe(II) 
concentration profiles: blue (#), CMC; red ($), xylan. (B) & (C) Concentration 
profiles during microbial Fenton degradation of polymer in batch liquid cultures of 
S. oneidensis amended with 10 mM Fe(III) and 1% w/v polymer with an aerobic and 
anaerobic cycling period of 6 and 12 h respectively: (B) CMC; (C) Xylan; blue (#), 
G1 (or X1); red ($), G2 (or X2); green (▲), G3 (or X3); violet (X), G4 (or X4); black 
(*), G5 (or X5); orange (!), G6 (or X6); black (#), reducing end concentration of 
insoluble CMC (or xylan). Grey shaded areas correspond to anaerobic phases, and 
unshaded areas correspond to aerobic phases. Error bars represent range of errors 





Figure 4.3 continued 
easily degraded due to a more amorphous structure (39). This finding is also reflected in 
the larger size of halos in xylan compared to CMC-congo red plates (Figs. 4.1a and 4.1e). 
To test if xylose produced from Fenton degraded xylan was fermentable (Fig. 4.3C), the 
accumulation of xylose from Fenton degradation of xylan was coupled to production of 
polyhydroxybutyrate (PHB), a biodegradable plastic by xylose-adapted S. oneidensis 
strain XM1. XM1 produced 0.8 mg PHB gm-1 cell at a PHB production yield of 0.08% 
mg mg-1 DCW (comparable to previous reports with initial xylose concentration of 0.5 
mM (See Chapter 5) (Fig. 4.4). 
In the absence of cells, replacement of Fe with nitrate, and in the presence of 
the HO! radical scavenging compound thiourea, there was no accumulation of the short 
oligosaccharides indicating that CMC and xylan were degraded by the HO! radicals. 
However, periodic decreases in concentrations of cellodextrin and xylodextrin 
compounds during the Fenton reaction suggested that the HO! radicals may also be 
degrading the short oligosaccharides (Figs. 4.S1-S2). 
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To investigate this finding more closely, the degradation of individual 




Figure 4.4. Xylose and PHB concentration profiles during PHB production by XM1 
harboring the PHB biosynthetic genes phaCAB. Cells were cultured in LB and gene 
expression was induced by the addition of 0.5 mM arabinose. Cells were then 
resuspended in spent media from Fenton-degraded xylan as sole carbon and 
electron source. xylose; blue (#), PHB; red ($). Error bars represent range of 
errors in duplicate batch reactors. 
 
system. Cello- and xylodextrins with DP 1-6 were degraded giving rise to the smaller 
corresponding DP compounds as products (Figs. 4.S4, 4.S12, 4S22-23 and Tables 1, 2). 
The degradation rates of the monomer sugars G1 and X1 were the slowest (120 and 110 
nM h-1 respectively), correlating with their highest accumulation rates (0.68 and 5.3 µM 
h-1 respectively) during CMC and xylan degradation, respectively (Fig 4.S24-25 and 
4.S28). G5 degraded at the fastest rate among cellodextrins G1-6 (407 nM h-1; 86.9 – 
253.8% higher than G1-4 & G6), which explains the reason why G5 did not accumulate 
during the Fenton degradation of CMC (Fig. 4.S4, 4.S22-23 and 4.S26-27). The average 
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degradation rate of xylodextrins with even-numbered DP (262 nM/h) was 198 ± 13 % 
higher than xylodextrins with odd-numbered DP, most likely due to the inhibitory effects 
of alternating side chains (arabinose, glucuronic acid, and acetyl) (Figs. 4.S24-25) (32) in 
the xylodextrin structure on degradation activity of the HO! radicals (40). A carbon 
balance was also carried out to account for the total carbon input and output during the 
microbially driven Fenton reaction of cello- and xylodextrins. The total carbon 
accumulation from the degradation of each cello- and xylodextrin was lower by 47 ± 17 
and 56 ± 26 % respectively compared to the carbon input (Tables 1B and 2B) most likely 
due to the production of aldonic acids of the respective sugars such as gluconic and 
cellobionic acids as oxidation byproducts that were not accounted for in the analyses (41, 
42). Similar control experiments including cells omitted, replacement of Fe(III) with 
nitrate, and addition of the HO! radical scavenging compound thiourea inhibited the 
degradation of cello- and xylodextrins, indicating that cellodextrins and xylodextrins 
were degraded by the HO! radicals (Fig. 4.S5-10 and 4.S13-18). 
In the present study, we have developed a new method for lignocellulose 
degradation that combines both pretreatment and saccharification of cellulose and xylan 
in a single-step, microbially driven Fenton reaction system (Fig. 4.5). The reaction 
produced a mixture of short oligosaccharides dominated by monomer sugars. Wild type 
Fe(III)-respiring S. oneidensis is unable to utilize cellodextrin and xylodextrin sugars as 
carbon and energy source, thus enabling the use of this bacteria to accumulate large 
concentrations of fermentable sugars (43). The combined pretreatment and 
saccharification method for cellulose and xylan developed did not require the addition of 
acid, alkali compounds or the use of hydrolyzing enzymes thus providing an 
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economically feasible process to directly produce simple fermentable sugars from 
cellulose and xylan (10). Microbial Fe(III) reduction is a dominant anaerobic respiratory 
process in soil and sediments, which suggests that the microbially driven Fenton reaction 
may play an important role in the degradation of decaying plant and woody materials in 











Table 4.1A. Degradation and accumulation of cellodextrin compounds during microbial Fenton degradation in batch liquid cultures of S. 
oneidensis amended with 10 mM Fe(III) and 100 µM of individual cellodextrin compounds with an aerobic and anaerobic cycling period 
of 6 and 12 h respectively. Error bars represent range of errors in duplicate batch reactors. 
 
 









s  G6 Degradation      22.2 ± 0.3 Accumulation 6.9 ± 0.8 5.3 ± 0.1 5.5 ± 0.8 6.7 ± 0.3 3.8 ± 0.6  
G5 Degradation     41.5 ± 4.1  Accumulation 6.9 ± 1.0 3.3 ± 1.0 7.3 ± 0.6 3.1 ± 0.3   
G4 Degradation    17.9 ± 1.0   Accumulation 7.1 ± 0.5 3.4 ± 1.0 11.0 ± 0.8    
G3 Degradation   17.3 ± 6.1    Accumulation 13.6 ± 1.7 7.2 ± 1.1     
G2 Degradation  11.7 ± 6.6     Accumulation 13.9 ± 0.2      



















Table 4.1B. Degradation and accumulation of cellodextrin compounds (concentrations are calculated in terms of G1 units for all 
compounds) during microbial Fenton degradation in batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 100 µM of 
individual cellodextrin compounds with an aerobic and anaerobic cycling period of 6 and 12 h respectively. Error bars represent range of 
errors in duplicate batch reactors. Numbers in brackets indicate total accumulation from degradation of respective compounds 
 
   









s  G6 Degradation      
133.2 ± 12.2 
Accumulation 6.9 ± 0.8 10.6 ± 0.2 16.5 ± 2.5 26.9 ± 1.2 18.9 ± 3.1 (79.8 ± 7.8) 
G5 Degradation     
207.5 ± 20.4 
 Accumulation 6.9 ± 1.0 6.5 ± 2.0 22.0 ± 1.8 12.2 ± 1.2 (47.7 ± 6.1) 
 
G4 Degradation    
71.4 ± 4.1 
  Accumulation 7.1 ± 0.5 6.7 ± 2.1 33.1 ± 2.4 (46.9 ± 4.9) 
  
G3 Degradation   
52.0 ± 18.4 
   Accumulation 13.6 ± 1.7 14.5 ± 2.2 (28.1 ± 3.9) 
   
G2 Degradation  
23.5 ± 13.3 
    Accumulation (13.9 ± 0.2) 
     G1 Degradation 12.2 ± 1.0 


















Table 4.2A. Degradation and accumulation of xylodextrin compounds during microbial Fenton degradation in batch liquid cultures of S. 
oneidensis amended with 10 mM Fe(III) and 100 µM of individual xylodextrin compounds with an aerobic and anaerobic cycling period 
of 6 and 12 h respectively. Error bars represent range of errors in duplicate batch reactors. 
 
   









s  X6 Degradation      
21.2 ± 1.9 
Accumulation 24.1 ± 3.1 8.9 ± 0.4 6.8 ± 1.3 4.5 ± 0.3 13.8 ± 0.7 
 
X5 Degradation     
14.1 ± 0.7 
 Accumulation 12.8 ± 4.0 2.7 ± 0.3 2.7 ± 0.3 7.9 ± 0.9 
  
X4 Degradation    
31.6 ± 4.1 
  Accumulation 10.4 ± 1.1 3.8 ± 1.7 3.6 ± 1.3 
   
X3 Degradation   
15.1 ± 0.5 
   Accumulation 1.2 ± 0.3 3.9 ± 0.3 
    
X2 Degradation  
27.3 ± 1.1 
    Accumulation 26.6 ± 4.9 
     X1 Degradation 11.2 ± 2.5 




















Table 4.2B. Degradation and accumulation of xylodextrin compounds (concentrations are calculated in terms of X1 units for all 
compounds) during microbial Fenton degradation in batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 100 µM of 
individual xylodextrin compounds with an aerobic and anaerobic cycling period of 6 and 12 h respectively Error bars represent range of 
errors in duplicate batch reactors. Concentrations are calculated in terms of X1 units for all compounds. Numbers in brackets indicate 
total accumulation from degradation of respective compounds 
 
 
   








s  X6 Degradation      
127.3 ± 11.2 
Accumulation 24.2 ± 3.1 17.7 ± 0.8 20.5 ± 3.1 17.9 ± 1.2 68.9 ± 3.5 (149.2 ± 11.7) 
X5 Degradation     
70.4 ± 3.5 
 Accumulation 12.8 ± 4.0 5.3 ± 0.6 7.9 ± 0.9 31.4 ± 3.6 (57.4 ± 8.2) 
 
X4 Degradation    
126.5 ± 16.3 
  Accumulation 10.4 ± 1.1 7.5 ± 3.3 10.7 ± 3.8 (28.6 ± 8.2) 
  
X3 Degradation   
45.3 ± 1.5 
   Accumulation 1.2 ± 0.3 7.9 ± 0.6 (9.2 ± 0.9) 
   
X2 Degradation  
54.7 ± 2.0 
    Accumulation (26.6 ± 9.8) 
     X1 Degradation 11.2 ± 2.5 













Figure 4.5. Model of microbially-driven fenton degradation of cellulose and  
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Figure 4.S1. Concentration profiles during microbial Fenton degradation of CMC in 
batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 1% w/v CMC 
with an aerobic/anaerobic cycling period of 6 h: (A) cells omitted; (B) Fe(III) omitted; 
(C) nitrate; (D) thiourea; (E) anaerobic only; solid, fenton reaction; dashed, control; 










Grey shaded areas correspond to anaerobic phases, and unshaded areas correspond to 








Figure 4.S2. Concentration profiles during microbial Fenton degradation of xylan in 
batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 1% w/v 










omitted; (C) nitrate; (D) thiourea; (E) anaerobic only; solid, fenton reaction; 
dashed, control; blue (!), X1; red ("), X2; green (▲), X3; violet (x), X4; black (*), 
X5; orange (#), X6. Grey shaded areas correspond to anaerobic phases, and 
unshaded areas correspond to aerobic phases. Error bars represent range of errors 






Figure 4.S3. Lactate concentration profiles during microbial Fenton degradation of 
CMC and xylan in batch liquid cultures of S. oneidensis amended with 10 mM 
Fe(III) and 1% w/v CMC/xylan with an aerobic/anaerobic cycling period of 6 h: 
blue (!), CMC; red ("), xylan. Grey shaded areas correspond to anaerobic phases, 
and unshaded areas correspond to aerobic phases. Error bars represent range of 




















Figure. 4.S4. Concentration profiles during microbial Fenton degradation of 
cellodextrins in batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 
100 µM cellodextrins with an aerobic/anaerobic cycling period of 6 h: (A) G1 
degradation; (B) G2 degradation; (C) G3 degradation; (D) G4 degradation; (E) G5 
degradation; (F) G6 degradation; solid blue (!), G1; solid red ("), G2; solid green 
(▲), G3; solid violet (x), G4; solid black (*), G5; solid orange (#), G6. Grey shaded 
areas correspond to anaerobic phases, and unshaded areas correspond to aerobic 















































Figure 4.S5. Concentration profiles during microbial Fenton degradation of G1 in 
batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 100 µM G1 
with an aerobic/anaerobic cycling period of 6 h: solid, fenton reaction; dashed, 
control; blue (!), cells omitted; red ("), Fe(III) omitted; green (▲), nitrate; violet 
(x), thiourea; black (*), anaerobic only; solid blue (!), G1 fenton. Grey shaded 
areas correspond to anaerobic phases, and unshaded areas correspond to aerobic 












Figure 4.S6. Concentration profiles during microbial Fenton degradation of G2 in 
batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 100 µM G2 
with an aerobic/anaerobic cycling period of 6 h: solid, fenton reaction; dashed, 
control; blue (!), cells omitted; red ("), Fe(III) omitted; green (▲), nitrate; violet 
(x), thiourea; black (*), anaerobic only; solid red ("), G2 fenton. Grey shaded areas 
correspond to anaerobic phases, and unshaded areas correspond to aerobic phases. 













Figure 4.S7. Concentration profiles during microbial Fenton degradation of G3 in 
batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 100 µM G3 
with an aerobic/anaerobic cycling period of 6 h: solid, fenton reaction; dashed, 
control; blue (!), cells omitted; red ("), Fe(III) omitted; green (▲), nitrate; violet 
(x), thiourea; black (*), anaerobic only; solid green (▲), G3 fenton. Grey shaded 
areas correspond to anaerobic phases, and unshaded areas correspond to aerobic 












Figure 4.S8. Concentration profiles during microbial Fenton degradation of G4 in 
batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 100 µM G4 
with an aerobic/anaerobic cycling period of 6 h: solid, fenton reaction; dashed, 
control; blue (!), cells omitted; red ("), Fe(III) omitted; green (▲), nitrate; violet 
(x), thiourea; black (*), anaerobic only; solid violet (x), G4 fenton. Grey shaded 
areas correspond to anaerobic phases, and unshaded areas correspond to aerobic 












Figure 4.S9. Concentration profiles during microbial Fenton degradation of G5 in 
batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 100 µM G5 
with an aerobic/anaerobic cycling period of 6 h: solid, fenton reaction; dashed, 
control; blue (!), cells omitted; red ("), Fe(III) omitted; green (▲), nitrate; violet 
(X), thiourea; black (*), anaerobic only; solid violet (x), G4 fenton. Grey shaded 
areas correspond to anaerobic phases, and unshaded areas correspond to aerobic 












Figure 4.S10. Concentration profiles during microbial Fenton degradation of G6 in 
batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 100 µM G6 
with an aerobic/anaerobic cycling period of 6 h: solid, fenton reaction; dashed, 
control; blue (!), cells omitted; red ("), Fe(III) omitted; green (▲), nitrate; violet 
(X), thiourea; black (*), anaerobic only; orange (#), G6 fenton. Grey shaded areas 
correspond to anaerobic phases, and unshaded areas correspond to aerobic phases. 
































Figure 4.S11. Lactate concentration profiles during microbial Fenton degradation of 
cellodextrins in batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) 
and 100 µM cellodextrins with an aerobic/anaerobic cycling period of 6 h: blue (!), 
G1; red ("), G2; green (▲), G3; violet (x), G4; black (*), G5; orange (#), G6; 
dashed black (!), no sugar . Grey shaded areas correspond to anaerobic phases, 
and unshaded areas correspond to aerobic phases. Error bars represent range of 



























Figure. 4.S12. Concentration profiles during microbial Fenton degradation of 
xylodextrins in batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 
100 µM xylodextrins with an aerobic/anaerobic cycling period of 6 h: (A) X1 
degradation; (B) X2 degradation; (C) X3 degradation; (D) X4 degradation; (E) X5 
degradation; (F) X6 degradation; solid blue (!), X1; solid red ("), X2; solid green (▲), 
X3; solid violet (x), X4; solid black (*), X5; solid orange (#), X6. Grey shaded areas 
correspond to anaerobic phases, and unshaded areas correspond to aerobic phases. 

































Figure 4.S13. Concentration profiles during microbial Fenton degradation of X1 in 
batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 100 µM X1 
with an aerobic/anaerobic cycling period of 6 h: solid, fenton reaction; dashed, 
control; blue (!), cells omitted; red ("), Fe(III) omitted; green (▲), nitrate; violet 
(x), thiourea; black (*), anaerobic only; solid blue (!), X1 fenton. Grey shaded 
areas correspond to anaerobic phases, and unshaded areas correspond to aerobic 













Figure 4.S14. Concentration profiles during microbial Fenton degradation of X2 in 
batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 100 µM X2 
with an aerobic/anaerobic cycling period of 6 h: solid, fenton reaction; dashed, 
control; blue (!), cells omitted; red ("), Fe(III) omitted; green (▲), nitrate; violet 
(x), thiourea; black (*), anaerobic only; solid red ("), X2 fenton. Grey shaded areas 
correspond to anaerobic phases, and unshaded areas correspond to aerobic phases. 













Figure 4.S15. Concentration profiles during microbial Fenton degradation of X3 in 
batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 100 µM X3 
with an aerobic/anaerobic cycling period of 6 h: solid, fenton reaction; dashed, 
control; blue (!), cells omitted; red ("), Fe(III) omitted; green (▲), nitrate; violet 
(x), thiourea; black (*), anaerobic only; solid green (▲), X3 fenton. Grey shaded 
areas correspond to anaerobic phases, and unshaded areas correspond to aerobic 













Figure 4.S16. Concentration profiles during microbial Fenton degradation of X4 in 
batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 100 µM X4 
with an aerobic/anaerobic cycling period of 6 h: solid, fenton reaction; dashed, 
control; blue (!), cells omitted; red ("), Fe(III) omitted; green (▲), nitrate; violet 
(x), thiourea; black (*), anaerobic only; solid violet (x), X4 fenton. Grey shaded 
areas correspond to anaerobic phases, and unshaded areas correspond to aerobic 













Figure 4.S17. Concentration profiles during microbial Fenton degradation of X5 in 
batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 100 µM X5 
with an aerobic/anaerobic cycling period of 6 h: solid, fenton reaction; dashed, 
control; blue (!), cells omitted; red ("), Fe(III) omitted; green (▲), nitrate; violet 
(x), thiourea; black (*), anaerobic only; solid black (*), X5 fenton. Grey shaded 
areas correspond to anaerobic phases, and unshaded areas correspond to aerobic 













Figure 4.S18. Concentration profiles during microbial Fenton degradation of X6 in 
batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 100 µM X6 
with an aerobic/anaerobic cycling period of 6 h: solid, fenton reaction; dashed, 
control; blue (!), cells omitted; red ("), Fe(III) omitted; green (▲), nitrate; violet 
(X), thiourea; black (*), anaerobic only; orange (#), X6 fenton. Grey shaded areas 
correspond to anaerobic phases, and unshaded areas correspond to aerobic phases. 




















Figure 4.S19. Lactate concentration profiles during microbial Fenton degradation of 
xylodextrins in batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) 
and 100 µM xylodextrins with an aerobic/anaerobic cycling period of 6 h: blue (!), 
X1; red ("), X2; green (▲), X3; violet (x), X4; black (*), X5; orange (#), X6; dashed 
black (!), no sugar . Grey shaded areas correspond to anaerobic phases, and 
unshaded areas correspond to aerobic phases. Error bars represent range of errors 





























Figure 4.S20. Fe(II) concentration profiles during microbial Fenton degradation of 
cellodextrins in batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 
100 µM cellodextrins with an aerobic/anaerobic cycling period of 6 h: blue (!), G1; red 
("), G2; green (▲), G3; violet (x), G4; black (*), G5; orange (#), G6; dashed black (!), 
no sugar. Grey shaded areas correspond to anaerobic phases, and unshaded areas 



























Figure 4.S21. Fe(II) concentration profiles during microbial Fenton degradation of 
xylodextrins in batch liquid cultures of S. oneidensis amended with 10 mM Fe(III) and 
100 µM xylodextrins with an aerobic/anaerobic cycling period of 6 h: blue (!), X1; red 
("), X2; green (▲), X3; violet (x), X4; black (*), X5; orange (#), X6; dashed black (!), 
no sugar . Grey shaded areas correspond to anaerobic phases, and unshaded areas 

























Figure 4.S22. Degradation and accumulation of cellodextrin and xylodextrin 
compounds during microbial Fenton degradation in batch liquid cultures of S. 
oneidensis amended with 10 mM Fe(III) and 100 µM of individual cellodextrin (or 
xylodextrin) compounds with an aerobic and anaerobic cycling period of 6 and 12 h 
respectively. (A) cellodextrins; (B) xylodextrins. stripped fill; degradation, solid fill; 
accumulation. Stacked columns depict individual cellodextrin (or xylodetrin) 














Figure. 4.S23. Degradation and accumulation of cellodextrin and xylodextrin 
compounds (concentrations are calculated in terms of G1 or X1 units for all 
compounds) during microbial Fenton degradation in batch liquid cultures of S. 
oneidensis amended with 10 mM Fe(III) and 100 µM of individual cellodextrin (or 
xylodextrin) compounds with an aerobic and anaerobic cycling period of 6 and 12 h 
respectively. (A) cellodextrins; (B) xylodextrins. stripped fill; degradation, solid fill; 
accumulation. Stacked columns depict individual cellodextrin (or xylodetrin) 















Figure. 4.S24. Degradation and accumulation rates of cellodextrin and xylodextrin 
compounds during microbial Fenton degradation in batch liquid cultures of S. 
oneidensis amended with 10 mM Fe(III) and 100 µM of individual cellodextrin (or 
xylodextrin) compounds with an aerobic and anaerobic cycling period of 6 and 12 h 
respectively. (A) cellodextrins; (B) xylodextrins. stripped fill; degradation, solid fill; 
accumulation. Stacked columns depict contribution of individual cellodextrin (or 
xylodetrin) compounds accumulation. Error bars represent range of errors in 














Figure. 4.S25. Degradation and accumulation rates of cellodextrin and xylodextrin 
(rates are calculated in terms of G1 or X1 units for all compounds) compounds 
during microbial Fenton degradation in batch liquid cultures of S. oneidensis 
amended with 10 mM Fe(III) and 100 µM of individual cellodextrin (or xylodextrin) 
compounds with an aerobic and anaerobic cycling period of 6 and 12 h respectively. 
(A) cellodextrins; (B) xylodextrins. stripped fill; degradation, solid fill; 
accumulation. Stacked columns depict contribution of individual cellodextrin (or 
xylodetrin) compounds accumulation. Error bars represent range of errors in 















Figure. 4.S26. Accumulation of cellodextrin and xylodextrin compounds during 
microbial Fenton degradation in batch liquid cultures of S. oneidensis amended with 
10 mM Fe(III) and 1% w/v of CMC (or xylan) with an aerobic and anaerobic 
cycling period of 6 and 12 h respectively. Stacked columns depict contribution of 
individual cellodextrin (or xylodetrin) compounds accumulation. Error bars 
























Figure. 4.S27. Accumulation of cellodextrin and xylodextrin compounds during 
microbial Fenton degradation in batch liquid cultures of S. oneidensis amended with 
10 mM Fe(III) and 1% w/v of CMC (or xylan) with an aerobic and anaerobic 
cycling period of 6 and 12 h respectively. Stacked columns depict contribution of 
individual cellodextrin (or xylodetrin) compounds accumulation. Error bars 
represent range of errors in duplicate batch reactors. Concentrations are calculated 


















Figure. 4.S28. Accumulation rates of cellodextrin and xylodextrin compounds 
during microbial Fenton degradation in batch liquid cultures of S. oneidensis 
amended with 10 mM Fe(III) and 1% w/v CMC (or xylan) with an aerobic and 
anaerobic cycling period of 6 and 12 h respectively. Stacked columns depict 
contribution of individual cellodextrin (or xylodetrin) compounds produced. Error 

















Figure. 4.S29. Accumulation rates of cellodextrin and xylodextrin compounds 
during microbial Fenton degradation in batch liquid cultures of S. oneidensis 
amended with 10 mM Fe(III) and 1% w/v CMC (or xylan) with an aerobic and 
anaerobic cycling period of 6 and 12 h respectively. Stacked columns depict 
contribution of individual cellodextrin (or xylodetrin) compounds produced. Error 
bars represent range of errors in duplicate batch reactors. Concentrations are 























Figure. 4.S30. Concentration profile of reducing end concentration of insoluble polymer 
during microbial Fenton degradation of CMC (or xylan) in batch liquid cultures of S. 
oneidensis amended with 10 mM Fe(III) and 1% w/v CMC with an aerobic and anaerobic 
cycling period of 6 and 12 h respectively: (A) CMC; (B) xylan; solid black (!), fenton 
reaction; dashed blue ("), nitrate; dashed green (#), anaerobic; dashed black (!), abiotic; 












Table 4.S1. Limit of detection (LOD) and the limit of quantitation (LOQ) of analytes 
in this study 
 
Compound Limit of detection (LOD) (µM) Limit of quantitation (LOQ) (µM) 
Lactate 17.9  59.9  
Glucose 1.3  3.9  
Cellobiose 1.2  5.1  
Cellotriose 0.9  2.9  
Cellotetraose 0.9  2.7  
Cellopentaose 1.0  3.2  
Cellohexaose 0.64  2.0  
Xylose 0.9  2.9  
Xylobiose 2.5  7.6  
Xylotriose 2.0  5.8  
Xylotetraose 1.0  3.1  
Xylopentaose 1.9  5.7  




























Table 4.S2. Retention time of standard sugar compounds in this study 
 
 











































Table 4.S3: Composition of LS medium 
 
Compound Concentration (mM) 
Sodium DL lactate 10  
Potassium Phosphate 10  
NH4SO4 15  
MgSO4. 7H2O 1  
CaCl2.2H2O 0.48  
EDTA, disodium salt 0.67  
FeSO4.7H2O 0.1  
NaHCO3 0.2  
FeCl3 0.1  
Na2SeO4 0.01  
H3BO3 0.05  
ZnSO4.7H2O 0.005  
Na2MoO4.2H2O 0.007  
CuSO4.5H2O 0.001  
MnSO4.H2O 0.001  
CoSO4.7H2O 0.05  
NiCl2.6H2O 0.08 







ACTIVATION OF AN OTHERWISE SILENT XYLOSE METABOLIC PATHWAY IN  
SHEWANELLA ONEIDENSIS BY ADAPTIVE EVOLUTION 
 
Abstract 
Shewanella oneidensis is unable to metabolize the sugar xylose as carbon and energy source. 
In the present study, an otherwise silent xylose catabolic pathway was activated in S. 
oneidensis by following an adaptive evolution strategy. Genome-wide scans indicated that 
the S. oneidensis genome encoded two proteins with similarity to the xylose oxido-reductase 
pathway enzymes xylose reductase (SO_0900) and xylulokinase (SO_4230), and purified 
SO_0900 and SO_4230 displayed xylose reductase and xylulokinase activities, respectively.  
The S. oneidensis genome was missing, however, an E. coli XylE-like xylose transporter.  
After 12 monthly transfers in minimal growth medium containing successively higher xylose 
concentrations, a S. oneidensis mutant (termed strain XM1) was isolated for the acquired 
ability to grow aerobically on xylose as carbon and energy source.  Whole genome 
sequencing indicated that strain XM1 contained a mutation in an unknown membrane protein 
(SO_1396) resulting in a glutamine to histidine conversion at amino acid position 207.  
Homology modeling demonstrated that the Q207H mutation in SO_1396 was located at the 
homologous xylose-docking site in XylE. The ability to uptake and metabolize xylose to a 
useful secondary chemical was demonstrated in strain XM1 genetically engineered to contain 






Xylose is one of the primary products of lignocellulose degradation and, after glucose, 
is the second most abundant carbohydrate in nature.  The xylose polymer xylan is the primary 
constituent of hemicellulose that comprises approximately 17% of dry weight of hardwoods 
and up to 31% of plants (1). Xylose catabolism is a key component of sustainable processes 
that produce useful secondary products from lignocellulosic biomass (2-4). Xylose catabolism 
is also of commercial interest because xylose conversion to useful secondary chemicals such as 
bioethanol and biodegradable plastics can reduce losses associated with lignocellulose 
bioprocessing (5, 6).  Industrially important byproducts of xylose metabolism include xylitol, 
which is used as a natural sweetener in the food and confectionary industries (7). 
Xylose metabolic pathways include the oxido-reductase, isomerase, and Weimberg-
Dahms pathways (Fig. 1) (1, 8). Extracellular xylose is transported inside the cell via the ATP-
binding cassette (ABC) or major facilitator superfamily (MFS) xylose transporters XylFGH 
and XylE, respectively (9, 10). In the oxido-reductase pathway of yeast (11), NAD(P)H 
dependent D-xylose (referred to below as xylose) reductase converts intracellular xylose to 
xylitol, which is then oxidized to xylulose by D-xylitol dehydrogenase.  Xylulose is then 
phosphorylated by xylulokinase to xylulose 5-phosphate, which enters the pentose phosphate 
pathway. In the xylose isomerase pathway of Escherichia coli (11), xylose isomerase converts 
xylose to xylulose, which enters the pentose phosphate pathway similar to the oxidoreductase 
pathway (1, 12). In the Weimberg-Dahms pathway of Caulobacter crescentus, xylose 
dehydrogenase catalyzes the conversion of xylose to xylonolactone, which is then converted to 
!
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either α-ketoglutaric semialdehyde via the Weimburg pathway or to glucoaldehyde and 





Figure 5.1. Xylose metabolic pathways in microorganisms. Weinberg pathway; solid 
blue, Dahms pathway; dashed blue, isomerase pathway; solid red, oxidoreductase 
pathway; solid green. 
 
 
The metal-reducing facultative anaerobe Shewanella oneidensis displays a variety of 
diverse metabolic systems that couple the oxidation of a wide variety of electron donors (13) to 
the reduction of a set of electron acceptors whose redox potentials span nearly the entire 
continuum of potentials encountered in nature (14). Recently, the list of electron donors has 
been expanded to include glucose and glycerol through adaptive evolution and metabolic 
!
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engineering (15-17).  Genes encoding canonical xylose metabolic pathways, however, are 
missing from the S. oneidensis genome (18).  
In the present study, an adaptive evolution approach was followed to generate S. 
oneidensis mutants that metabolize xylose as sole carbon and energy source. In adaptive 
evolution, mutations arise under selective pressure and a subset of the cell population acquires 
a mutation that facilitates growth under a new set of environmental conditions (19).  Mutator 
cells include ‘growth advantage in stationary phase’ (GASP) mutants in which genetic 
alterations in small cell populations display a higher competitive advantage over weaker cells 
(20).  Adaptive evolution is a useful strategy for strain improvement in metabolic engineering 
(21-23) since apriori knowledge of the targeted metabolic process is not required (6).  The 
remarkable metabolic flexibility displayed by S. oneidensis (24) led us to hypothesize that 
under selective growth conditions S. oneidensis mutator cells may acquire xylose metabolic 
capability.   
Environmental concern over conventional non-biodegradable plastic has stimulated 
development of alternative clean technologies for production of biodegradable plastic (25). 
Alternative clean technologies include biosynthesis of biodegradable polymers by recombinant 
microorganisms genetically engineered to produce biodegradable plastic from renewable 
resources (25). The plastic industry primarily produces polymers from petroleum-based 
sources. Second generation biodegradable plastics include polyhydroxybutyrate (PHB) 
produced from renewable sugar sources such as lignocellulosic biomass (25, 26).  
The chemical properties of biorenewable polymers such as polyhydroxybutyrate (PHB) 
are comparable to that of conventional plastics.  PHB is a linear polyester of the monomer (R)-
3-hydroxybutyric acid that belongs to the group of short chain length PHAs consisting of C3-
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C5 hydroxyacid monomers (27).  PHB is accumulated intracellularly by microorganisms to 
store carbon and energy in response to conditions of physiological stress (25, 28-33). The PHB 
biosynthetic pathway of Ralstonia eutropha consists of three enzymes that carry out three 
sequential reactions (34) producing acetyl-CoA as intermediate by-product (5, 35). The first 
enzyme of the PHB pathway is acetyl-CoA-acetyltransferase (encoded by phaA), which 
catalyzes the condensation of two acetyl-CoA molecules to form acetoacetyl-CoA. This step is 
followed by reduction of acetoacetyl-CoA to (R)-3-hydroxybutyryl-CoA by NADPH-
dependent acetoacetyl-CoA reductase (encoded by phaB). Finally, PHA synthase (encoded by 
phaC) catalyzes the polymerization of (R)-3-hydroxybutyryl-CoA monomers to PHB (36). 
Some microorganisms also produce intracellular PHB depolymerases that breakdown PHB and 
utilize the monomeric 3-hydroxybutyrate as nutrient source (37). Sequence analysis revealed 
that S. oneidensis genome does not contain PHB-depolymerizing enzymes, thus permitting 
accumulation of intracellular PHB (38).  
The main objectives of the present study were to (i) adaptively evolve S. oneidensis to 
metabolize xylose as carbon and energy source, (ii) identify the enzymes mutated in the 
adaptively evolved xylose catabolic pathway in S. oneidensis, (iii) determine the ability of the 
xylose-adapted strain to grow aerobic and anaerobically with xylose as sole electron donor, 
and (iv) genetically engineer xylose-adapted S. oneidensis mutants to express the PHB 







5.2 Materials and methods 
Bacterial Strains and Growth Conditions. Bacterial strains and plasmids used 
in this study are listed in Table S2. S. oneidensis and E. coli were routinely cultured 
aerobically on LB medium (10 g/L tryptone, 5 g/L yeast extract, and 10 g/L NaCl) at 30°C 
and 37°C respectively (39). Ralstonia eutropha was grown aerobically in nutrient broth 
media at 30°C. When required for selection, chloramphenicol (25 µg ml-1), amphicillin (100 
µg ml-1), and gentamicin (15 µg ml-1) were amended to basal growth medium. Fe(III) citrate 
was prepared by previously described procedures (40, 41) and added at a final concentration 
of 10 mM.  All chemical reagents were obtained from Sigma-Aldrich. 
 
Adaptive Evolution of S. oneidensis to Metabolize Xylose as Sole Carbon and 
Energy Source. Wild-type S. oneidensis cells were initially grown in SM minimal medium 
for 48 h with 18 mM lactate as sole carbon and energy source (Table S1) (42). The cell 
culture was subsequently serially transferred each month over a 12-month period to fresh 
SM medium with increasing ratios of xylose-to-lactate concentrations. The final mutant mix 
was plated on LB agar and single colonies were screened for xylose utilization via the 
dinitrosalicylic (DNS) assay that facilitates visual detection of reducing sugars. After 12 
months, xylose-adapted S. oneidensis strain XM1 was isolated and grew aerobically with 65 
mM xylose as sole carbon and energy source. To facilitate identification of the xylose 
metabolic pathway in S. oneidensis strain XM1, the genome was sequenced with 300X 
coverage on an Illumina sequencing platform, assembled and analyzed with the CLC 
Workbench software (CLC BioQiagen, Aarhus, Denmark) together with NCBI database 




Overall Respiratory Activity of Xylose-Adapted S. oneidensis XM1. The S. 
oneidensis wild-type and xylose-adapted mutant strain XM1 were tested for aerobic and 
anaerobic growth with 5 mM xylose, glucose, arabinose, galactose, lactose, sucrose, 
cellobiose, fructose, maltose, mannose, mannitol, trehalose, D-xylitol, or gluconate as 
electron donor and either O2, 5 mM nitrate (NO3-), 10 mM fumarate or 10 mM Fe(III)-
citrate as terminal electron acceptor. The cell cultures were incubated at 30˚C for 68 h and 
samples were withdrawn periodically for determination of cell density (OD600), nitrite, and 
Fe(II) concentrations. 
 
Cloning and Expression of S. oneidensis Xylose-Metabolizing Genes in E. 
coli. The primers used for cloning genes SO_0900, SO_4673, SO_4230, and SO_2452 are 
listed in Table S3. These primers were used to PCR-amplify the full length genes from the 
S. oneidensis genome. The amplified genes were ligated into plasmid pQE80L (containing a 
His-tag at the N-terminus to facilitate protein purification) and transformed into E. coli 
JM109. The resulting recombinant strains were cultured in LB media with 100 µg mL-1 
ampicillin at 37˚C and induced with 1 mM IPTG at 25˚C for 24 hours for expression of 
SO_0900, SO_4673, SO_4230 and SO_2452. Cells were collected by centrifugation and re-
suspended in a buffer containing 50 mM sodium phosphate, 0.3 M NaCl (pH 8.0), and 10 
mM imidazole. Subsequently, the cells were sonicated and the soluble and insoluble 
fractions were separated by centrifugation.  The recombinant protein was purified using 




Preparation of Cell-free Extract and Protein Purification. E. coli cells were 
prepared according to previously described procedures (44). E. coli cells were grown on 
LB medium and harvested by centrifugation at 5,000xg at 4°C for 30 min. Cells were 
washed once with extraction buffer (10 mM Tris/HCl, pH 7.5). Washed cell pellets were 
stored at -20°C until use. Cell pellets were resuspended to an OD600 of 50 in the 
equilibration buffer (50 mM Na2HPO4, 300 mM NaCl and 10 mM imidazole at pH 8) and 
sonicated (8 cycles of 10 s with 30 s cooling period). Cell debris was discarded after 
centrifugation at 16,000xg for 20 min at 4°C. Supernatant was used as cell-free extract and 
Bradford assay was used for estimation of protein concentration in the extract.  
His-tagged protein in the cell-free extract was purified at 4°C using HIS-Select HF 
nickel affinity gel (Sigma-Aldrich) which employs immobilized metal-ion affinity 
chromatography (IMAC) according to the manufacturer’s small-scale purification protocol.  
600 µL aliquots of the cell-free extract were added to 150 µL affinity gel in equilibration 
buffer. After overnight incubation, the gel was washed five times with equilibration buffer. 
The bound his-tagged protein was then eluted using 100 µL elution buffer (50 mM 
Na2HPO4, 300 mM NaCl, and 250 mM imidazole at pH 8). Imidazole was removed by 
overnight dialysis at 4°C using extraction buffer as the dialysis solution. The purified 
protein product was used for SDS-PAGE analysis, determination of protein concentration 
and activity assays. 
 
Activity Assays for Protein Expression. Xylose reductase activity was determined 
in McIlvaine buffer at pH 7.2 (prepared by adding 16.5 ml 0.2 M Na2HPO4 to 3.5 ml 0.1 M 
citric acid) containing 0.35 mM NADPH and 200 mM xylose and purified protein 
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SO_0900 (44). For measuring the catalytic activity of xylose reductase on xylose, km and 
Vmax were determined by varying the xylose concentrations (0.01–0.25 M) under constant 
concentrations of NADPH (0.35 mM) and purified protein (10 µL) in the assay mixture and 
fitting the data to Lineweaver-Burk equation: 1/v = (km/Vmax)[S] + 1/Vmax. The extinction 
coefficient (e) for NADPH at 340 nm is 6.22 x 10-3 M-1 cm-1. One unit of xylose reductase 
activity is the amount of enzyme which converts 1 µmol of NADPH to NADP+ per min. 
Xylulokinase was assayed by previously described methods (45). Reactions were carried 
out at 30˚C and pH 7.5 in 96-well microtiter plates in a final volume of 200 µL. The 
reaction mixture consisted of the following (final concentrations indicated): 71 mM Tris–
HCl pH 7.5, 7.1 mM MgCl2, 1 mM EDTA, 50 mM KCl, 7.1 mM KF, 5 mM KCN, 1.4 mM 
ATP, 1 mM PEP, 0.3 mM NADH, 0.7 U mL-1 pyruvate kinase, 1 U mL-1 lactate 
dehydrogenase, and 5 mM xylulose. NADH consumption was monitored continuously at 
340 nm for 10 min. One unit of xylulokinase activity is the amount of enzyme that converts 
1 µmol of NADH to NAD+ per min. For measuring the catalytic activity of xylulokinase on 
xylulose, km and Vmax were determined by varying the xylulose concentrations (1–20 mM) 
under constant concentrations of NADH (0.3 mM) and purified protein (10 µL) in the assay 
mixture. Xylitol dehydrogenase was assayed by a previously described method (46): the 
reaction mixture consisted of (final concentrations indicated): 77 mM glycine, 6.3 mM 
NAD+, 1 mM 2-mercaptoethanol, and 200 mM xylitol. The disappearance of NADH was 
monitored continuously at 340 nm for 10 min. One unit of xylitol dehydrogenase activity is 
the amount of enzyme that converts 1 µmol of NAD+ to NADH per min. For measuring the 
catalytic activity of xylitol dehydrogenase on xylitol, km and Vmax were determined by 
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varying the xylitol concentrations (1–200 mM) under constant concentrations of NAD+ (6.3 
mM) and purified protein (10 µL) in the assay mixture. 
 
In-Frame Deletion Mutagenesis of S. oneidensis Genes SO_1396, SO_0900, and 
SO_4230  Genes encoding SO_1396, SO_0900, and SO_4230 were deleted in-frame from the 
XM1 genome as described previously (47). Regions corresponding to ∼750 bp upstream and 
downstream of each open reading frame (ORF) were PCR-amplified with iProof ultrahigh-
fidelity polymerase (Bio-Rad, Hercules, CA), generating fragments F1 and F2, which were 
fused by overlap extension PCR to generate fragment F3. The primers used for construction of 
ΔSO1396, ΔSO0900, ΔSO4230 are listed in Table S3. Fragment F3 was cloned into pKO2.0 
with BamHI and SalI restriction endonucleases and electroporated into E. coli strain β2155 λ 
pir. pKO2.0-F3 was mobilized into recipient S. oneidensis wild-type via biparental mating 
procedures. A plasmid integrant was identified via PCR analysis, and the mutation was 
resolved on LB agar containing sucrose (10%). Following counter selection on LB agar 
containing sucrose (10% [wt/vol]), the corresponding in-frame deletion mutant strains 
(designated ΔSO1396, ΔSO0900, ΔSO4230, respectively) were isolated and confirmed via 
PCR. The S. oneidensis wild-type, XM1, ΔSO1396, ΔSO0900, ΔSO4230 strains were tested 
for aerobic growth with 5 mM xylose as electron donor and O2 as terminal electron acceptor. 
The cells were incubated at 30˚C for 144 h and samples were withdrawn periodically for 
determination of cell density (OD600). 
 
Homology modeling of SO1396Q207H. The secondary structure of SO_1396Q207H 
was predicted using I-TASSER server and a model structure was constructed based on 
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secondary structure similarity to known protein structures in the protein data base. The 
membrane domain of the respiratory complex I from E. coli (PDB ID:3rkoC) was used as 
the template to construct SO1396Q207H models based on the best Z-scores with known 
protein structures by I-TASSER (43).  
 
Cloning and Expression of SO1396Q207H in S. oneidensis. The primers used for 
cloning SO1396Q207H on pBBR1MCS are listed in Table S3. The cloned plasmid was 
transformed into strain XM1-ΔSO1396Q207H strain.  The resulting recombinant strain was 
cultured in LB media with 25 µg mL-1 chloramphenicol.  Strain XM1-ΔSO1396Q207H 
pBBR1MCS + SO1396 Q207H was tested for aerobic growth with 5 mM xylose as electron 
donor 30˚C for 144 h and samples were withdrawn periodically for determination of cell 
density (OD600). 
 
Analytical Methods. The concentration of reducing ends of the supernatant was 
determined by the dinitrosalicylic acid (DNS) assay (48). 100 µL of the supernatant was 
added to 900 µL of DNS solution prepared by dissolving in water a mixture of 0.75% 3,5-
dinitrosalycylic acid, 1.4% sodium hydroxide, 21.6% potassium sodium tartrate, 0.55% 
phenol and 0.55% sodium metabisulfate. The mixture was then boiled for 5 min, centrifuged 
at 15,000xg for 5 min and the optical density of the supernatant was measured at 545 nm. 
Reducing sugar concentrations were calculated using glucose as standard. 
Xylose concentrations were measured via high pressure liquid chromatography 
(HPLC) following a modified version of a previously described protocol (49). 300 µL of 
xylose solution was mixed with 100 µL of 1.4 M sodium cyanoborohydride solution in 
!
199!
water, 700 µL of a methanolic solution of 0.6 M aminobenzoic butyl ester (ABBE) and 100 
µL of 10% acetic acid. The solution was heated at 80°C for 60 min and then extracted three 
times with 0.5 mL dichloromethane prior to injection directly into the HPLC system 
equipped with a SUPELCOSIL LC-18-DB column. The mobile phase was comprised of 
0.1 M ammonium acetate, pH 4.5 (solvent A) and acetonitrile (solvent B). Separation was 
carried out with a mixture of mobile phase A-acetonitrile (75:25, V/V) at a flow rate of 0.5 
mL/min. Chromatograms were generated at 260 nm and a calibration curve was generated 
from standard. Nitrite (NO2−) concentrations were measured by diluting samples 250-fold 
in a solution consisting of 9.6 mM sulfanilic acid, 96 mM potassium bisulfate, and 3.2 
mM N, N-ethylenediamine (50). Samples were held in the dark for 15 min prior to 
measuring absorbance at 510 nm. PHB was analyzed as described previously (35, 51). 
Cells from 1 mL culture were harvested by centrifugation at 5,000xg for 10 min. The cell 
pellet was boiled in 50 µL of concentrated sulfuric acid for 60 min and then diluted with 
150 µL of 14 mM H2SO4. Samples were centrifuged for 15 min at 16,000xg cell debris and 
the supernatant was analyzed via liquid chromatography (LC) using a ZORBAX SB-C18 
column with 5% aqueous acetonitrile at pH 2.8 as the mobile phase and a constant flow rate 
of 0.3 ml/min. Chromatograms were generated at 210 nm at a retention time of 7 min.  
Protein concentrations were measured by the Bradford assay using a protein reagent 
dye (Bio-Rad, Hercules, CA, USA) with bovine serine albumin as the standard.  SDS-PAGE 
was performed using a Mini-protean TGX electrophoresis kit (Bio-Rad, Hercules, CA, USA) 
and stained with Bio-safe Comassie Blue (Bio-Rad, Hercules, CA, USA). A 100-KDa 
precision plus protein standard ladder was used as a standard mass protein marker. Cell 
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density (OD600) was measured on a UV/visible light spectrophotometer (Beckman Coulter, 
CA, USA) 
 
Cloning and Expression of R. eutropha phaCAB in Shewanella oneidensis. The 
primers used for cloning phaCAB are listed in Table S3. The PHB biosynthetic gene cluster 
phaCAB from R. eutropha was cloned into a pBBR1MCS expression vector and expression 
controlled by a pBAD promoter induced by arabinose. The plasmid was transformed into 
the S. oneidensis XM1 strain.  The resulting recombinant S. oneidensis strain was cultured 
in LB media with 25 µg mL-1 chloramphenicol at 30˚C for 24 hours for phaCAB 
expression. Arabinose concentration of 0.5 mM was used to induce phaCAB expression at 
OD = 0.2. 
 
   PHB Production from Xylose as Sole Carbon and Energy Source by Xylose-
Adapted S. oneidensis Strain XM1. The S. oneidensis XM1 strain harboring the PHB 
biosynthetic gene cluster phaCAB of R. eutropha was cultured aerobically in LB medium 
with 0.5 mM arabinose.  Cells were harvested, washed, and resuspended in SM minimal 
media with varying xylose concentrations (0, 0.1, 0.5, 5, 50, and 100 mM) and incubated at 
30˚C for 96 h. Samples were periodically drawn to determine the concentration of xylose 
and PHB as described above. 
 
5.3 Results 
Isolation of Xylose-Adapted S. oneidensis Strain XM1. Wild-type S. oneidensis 
is unable to grow with xylose as carbon and energy source.  The wild type strain was 
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therefore subjected to an adaptive evolution strategy to generate S. oneidensis mutants with 
the acquired ability to metabolize xylose as carbon and energy source. Wild-type S. 
oneidensis cells were initially grown in SM minimal growth medium with 18 mM lactate as 
carbon source and energy source and subsequently serially transferred over a 12-month 
period to SM medium amended with increasing ratios of xylose-to-lactate concentrations. S. 
oneidensis strain XM1 was isolated from the adaptively evolved mutant mix after the 12th 
successive transfer.  Strain XM1 grew aerobically with 65 mM xylose as sole carbon and 
energy source. However, strain XM1 was unable to grow aerobically on a variety of other 
sugars, including glucose, arabinose, galactose, lactose, sucrose, cellobiose, fructose, 
maltose, mannose, mannitol, trehalose, D-xylitol, and gluconate (data not shown). This 
finding suggests that strain XM1 may have developed a GASP phenotype specific to xylose. 
Similar findings were previously reported with S. oneidensis mutants adapted to grow in the 
presence of glucose as carbon and energy source (15). 
 
Xylose consumption rates by Xylose-Adapted S. oneidensis Strain XM1. 
Strain XM1 was further tested for xylose consumption in SM minimal medium amended 5 
mM xylose as carbon and energy source. Under aerobic conditions, strain XM1 grew at a 
rate of 0.063 h-1, (Fig 2A), while the wild-type strain grew at a rate of 0.003 h-1 (i.e., at rates 
5% of strain XM1). Strain XM1 consumed xylose at a rate of 27 µM h-1, while the wild-type 
strain consumed xylose at a rate of 1.2 µM h-1 (i.e., 5% of strain XM1) (Fig. 2A). Strain 
XM1 was also able to utilize lactate as sole carbon source at rates similar to the wild-type 
strain, thus indicating that lactate metabolism was not altered during the adaptation process 
(data not shown). The anaerobic respiratory capabilities of S. oneidensis wild-type and strain 
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XM1 were also determined under anaerobic conditions with xylose as electron donor and 
NO3-, fumarate or Fe(III) as electron acceptor.  
With NO3- as electron acceptor, strain XM1 grew at the rate of 0.027 h-1 (Fig 2C), 
while the wild-type strain grew at a much lower rate of 0.002 h-1 (i.e., 7% of strain XM1). 
Strain XM1 consumed xylose at a rate of 6.32 µM h-1, while the wild-type strain consumed 
xylose at 1.9 µM h-1 (i.e., at rates 30% of strain XM1) (Fig. 2C). Strain XM1 produced 
nitrite (product of microbially-catalyzed nitrate reduction) at the rate of 38.2 µM h-1 (Fig. 
2D), while the wild type strain produced nitrite at a much lower rate of 1.5 µM h-1 (i.e., at 
rates 4% of strain XM1). With fumarate as electron acceptor, strain XM1 grew at the rate of 
0.034 h-1 (Fig 2B), while the wild-type strain grew at a rate of 0.002 h-1 (i.e., at rates 6% of 
strain XM1). Strain XM1 consumed xylose at a rate of 10.6 µM h-1, while the wild type 
strain consumed xylose at 0.73 µM h-1 (i.e., at rates 7% of strain XM1) (Fig. 2B). With 
Fe(III) as electron acceptor, strain XM1 produced Fe(II) (product of microbially-catalyzed 
Fe(III) reduction) at the rate of 20.9 µM h-1) (Fig 2E), while the wild-type strain produced 
Fe(II) at a much lower rate of 3.0 µM h-1 (i.e., at rates 14% of strain XM1). During the 68 h 
growth period, strain XM1 consumed xylose at a rate of 6.8 µM h-1, while the wild-type 
strain consumed xylose at 2.2 µM h-1  (i.e., at rates 32% of strain XM1) (Fig. 2E). These 
results indicate that strain XM1 consumed xylose under aerobic and anaerobic nitrate-, 










Figure 5.2. Aerobic and anaerobic respiratory activities of strain XM1 with xylose as 
sole carbon and energy source. (A) Growth and xylose concentration profiles of S. 
oneidensis and strain XM1 in the presence of O2 as electron acceptor in minimal 
media. Xylose concentration of 5 mM was used in this experiment. Wild type; red, 
XM1; green, OD600; (!), xylose concentration; ("). (B) Growth and xylose 
concentration profiles of S. oneidensis and strain XM1 in the presence of fumarate as 
electron acceptor in minimal media. 5 mM xylose and 10 mM fumarate were used in 
this experiment. Wild type; red, XM1; green, OD600; (!), xylose concentration; ("). 
(C) Growth and xylose concentration profiles of S. oneidensis and strain XM1 in the 
presence of nitrate (NO3) as electron acceptor in minimal media. 5 mM xylose and 5 
mM nitrate were used in this experiment. Wild type; red, XM1; green, OD600; (!), 
xylose concentration; ("). (D) Nitrite concentration profiles during growth curve of S. 
oneidensis and strain XM1 in the presence of NO3 as electron acceptor in minimal 
media. 5 mM xylose and 5 mM nitrate were used in this experiment. Wild type; red 
(!), XM1; green (!). (E) Fe(II) and xylose concentration profiles during growth curve 
of S. oneidensis and strain XM1 in the presence of Fe(III) as electron acceptor in 
minimal media. 5 mM xylose and 10 mM Fe(III) were used in this experiment. Wild 
type; red, XM1; green, Fe(II); (!), xylose concentration; ("). Error bars represent 





Figure 5.2 continued 
Identification of the Xylose Transporter in S. oneidensis. The single nucleotide 
mutation that enabled strain XM1 to grow on xylose as the carbon and energy source was 
identified by whole genome sequencing. A single nucleotide mutation was identified in 
SO_1396 that converted glutamine (Q) to histidine (H) at amino acid position 207. SO_1396 
is annotated as a membrane protein of unknown function (38). To investigate the function of 
SO_1396, in frame gene deletion mutant XM1-ΔSO1396Q207H was tested for the ability to 
metabolize xylose as the sole carbon and energy source under aerobic conditions. Strain 
XM1 grew at the rate of 0.035 h-1, while strain XM1-SO1396Q207H was unable to grow in 
the presence of xylose as the sole carbon and energy source (Fig. 3). Expression of 
SO_1396Q207H on plasmid pBBR1MCS in XM1 ΔSO1396Q207H strain rescued the growth on 
xylose by approximately 84% (with a growth rate of 0.029 h-1; Fig. 3). These results suggest 
that the mutant membrane protein SO_1396Q207H functions as a xylose transporter. 
Homology modeling of SO_1396Q207H (Fig. 4A) predicted that the secondary structure of 
SO_1396Q207H is partly outward occluded with a top width of 62 Å and a bottom width of 53 
Å. Only minor secondary structural changes were observed in overlapping structures of 






Figure 5.3. Aerobic growth profiles of S. oneidensis and strain XM1 strains in the 
presence of xylose as sole carbon and electron source in minimal media. 5 mM xylose 







; dashed red (!), XM1-
ΔSO0900; violet (x), XM1-ΔSO4230; green (▲). Error bars represent range of errors 
in duplicate batch reactors. 
 
Identification of Genes Encoding the Xylose Metabolic Pathway of Strain XM1. 
Strain XM1 containing mutated membrane protein SO_1396Q207H consumed xylose as 
carbon and energy source under both aerobic and anaerobic conditions. To identify the 
genes encoding the xylose metabolic pathway, proteins with similarity to known xylose 
metabolic proteins in other organisms were identified in the XM1 genome sequence via 
Blast sequence analysis (38). Xylose isomerase and all proteins involved in the Weimberg-
Dahms pathway were absent from the strain XM1 genome (data not shown). For the oxido-
reductase pathway, the aldo/keto reductase SO_0900 in the strain XM1 genome displayed 
similarity to known xylose reductases in E. coli (51% similar to ECs0473) and Z. mobilis 
(32% similar to ZMO0976) (Table S5) (44). SO_0900 was therefore hypothesized to 
function as the xylose reductase in strain XM1.  
!
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D-Xylitol dehydrogenase (XDH) is the next protein following xylose reductase in 
the oxidoreductase pathway. XDH is a member of the alcohol and threonine dehydrogenase 
protein superfamily, containing NAD(P) and catalytic zinc binding domains for conversion 
of xylitol to xylulose (52). L-threonine dehydrogenase SO_4673 displayed similarity to 
xylitol dehydrogenase (40-46%; Table S6) and also contains NAD(P) and catalytic zinc 
binding domains (38). Alcohol dehydrogenase SO_2452 displayed 36-40% similarity to 
known D-xylitol dehydrogenases (Table S7). In addition, S. halifaxis and S. pealeana 
metabolize xylitol and contain an alcohol dehydrogenase that functions as xylitol 
dehydrogenase (18). SO_4673 and SO_2452 were therefore targeted as candidates for 
xylitol dehydrogenase in strain XM1. 
Xylulokinase (XK) is the next protein following D-xylitol dehydrogenase in the 
oxido-reductase pathway.  XK displayed highest similarity (42%; Table S8) to SO_4230, a 
glycerol kinase (GlpK) . Based on secondary structure alignment, E. coli GlpK is highly 
similar to xylulokinase in E.coli (53). Since GlpK from strain XM1 and E.coli display 84% 
similarity (Table S8), SO_4230 was predicted to function as the xylulokinase in strain XM1. 
The proteins following xylulokinase in the known xylose metabolic pathway are present in 
the XM1 genome (54).  
Purification and Activity of Xylose Metabolic Pathway Proteins in Strain XM1. 
Based on Blast similarities, strain XM1 proteins SO_0900, SO_4673, SO_2452, and 
SO_4230 were predicted to be involved in the xylose metabolic pathway.  The 
corresponding genes were cloned into expression vector pQE80L and transformed into E. 
coli JM109. The enzymes were expressed as fusion proteins with a His-tag at their N-
terminus, and one-step affinity purification was based on the interaction of the N-terminal 
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His-tag and Nickel affinity gel. The purified proteins SO_0900, SO_4673, SO_2452, and 
SO_4230 displayed the expected molecular weights of ~ 41, 41, 38, and 60 kDa on SDS-
PAGE gels (Fig. S1 and S2). Purified SO_0900 displayed XR specific activity of 2.93 U/mg 
with a Vmax of 3.41 U/mg and km of 93 mM with 250 mM xylose as substrate (Table 1). 
Purified SO_4230 displayed XK specific activity of 0.2 U/mg with a Vmax of 0.52 U/mg and 
km of 1.7 mM with 5 mM xylulose as substrate (Table 1). However, purified proteins 
SO_4673 and SO_2452 did not display XDH activity with varying levels of xylitol (1-200 
mM) as substrate. These results indicate that SO_0900 and SO_4230 may function as the 
xylose reductase and xylulokinase, respectively. However, the identity of XDH in strain 
XM1 remains unknown. To confirm the role of SO_0900 and SO_4230 in the xylose 
metabolism in strain XM1, SO_0900 and SO_4230 were deleted in-frame and the resulting 
single gene knockout mutants (XM1-Δ0900 and XM1-Δ4230 strains) were tested for the 
ability to utilize xylose as carbon and energy source under aerobic conditions. Strain XM1 
grew at the rate of 0.035 h-1, while strains XM1-0900 and XM1-4230 were unable to 
grow in the presence of xylose as carbon and energy source (Fig. 3). These results suggest 
that SO_0900 and SO_4230 function as the xylose reductase and xylulokinase, respectively, 
in strain XM1. 
Table 5.1. Kinetic parameters of purified proteins in this study 








SO_0900 Xylose 2.93 ± 0.17 (250 mM) 3.41 ± 0.21 93 ± 7 
SO_4230 Xylulose 0.2 ± 0.013 (5 mM) 0.52 ± 0.02 1.7 ± 0.12 
SO_4673 Xylitol ND* ND* ND* 





PHB production by Strain XM1 With Xylose as Carbon and Energy Source. 
The PHB biosynthetic gene cluster phaCAB of R. eutropha was cloned into expression 
vector pBBR1MCS under control of the pBAD promoter. After arabinose induction, strain 
XM1-phaCAB produced PHB with xylose as carbon and energy source at rates that were 
proportional to initial xylose concentrations (up to 50 mM) and xylose consumption rates 
(Figs. 5A, 5B, and S4).  PHB was produced maximally at 1.79 mg per gm dry weight cell 
with 50 mM initial xylose concentrations and xylose consumption rates of 78.0 µM h-1 (Fig. 







Figure 5.4. Production of polyhydrohybutyrate by strain XM1 with xylose as sole 
carbon and energy source. (A) PHB concentration profiles of XM1 harboring the PHB 
biosynthetic genes phaCAB. Cells were cultured in LB and gene expression was 
induced by the addition of 0.5 mM arabinose. Cells were then resuspended in minimal 
media with 0 - 100 mM initial xylose concentrations. 5 mM; violet (x), 50 mM; black 
(*), 100 mM; orange (#). Inset - 0 mM; blue ("), 0.1 mM; red (!), 0.5 mM; green (▲). 
Error bars represent range of errors in duplicate batch reactors. (B) Rate of xylose 
consumption profiles by strain XM1 harboring the PHB biosynthetic genes phaCAB. 
Cells were cultured in LB and gene expression was induced by the addition of 0.5 mM 
arabinose. Cells were then resuspended in minimal media with 0 - 100 mM initial 
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xylose concentrations. (C) % PHB produced/xylose consumed (mg/mg) and % PHB 
yield (% PHB/DCW in mg/mg) by strain XM1 across different initial xylose 
concentrations (0.1 – 100 mM). XM1 dry cell weight (DCW) = 0.43 mg/mL/OD600. % 
PHB produced/xylose consumed; blue ("), % PHB yield; red (!). Black dotted lines 
indicate optimal initial concentration of xylose (5 mM) and optimal % PHB/xylose (or) 







5.4 Discussion  
The facultative anaerobe S. oneidensis respires a diverse spectrum of electron 
acceptors under both aerobic and anaerobic conditions (14, 55, 56). S. oneidensis is 
employed to drive electricity production in microbial fuel cells and to produce the biofuels 
ethanol and isobutanol from substrates such as glycerol and glucose through metabolic 
engineering (16, 17, 57). However, S. oneidensis displays a more limited range of electron 
donor utilization (13, 57). Electron rich carbon sources such as glucose and xylose are the 
primary products derived from the saccharification of lignocellulosic biomass (58). 
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Recently, S. oneidensis was adaptively evolved and metabolically engineered to metabolize 
glucose as carbon and energy source (15-17). Although the complete glucose metabolic 
pathway has been identified in S. oneidensis, xylose metabolism remains elusive (18). The 
present study is the first report to identify a previously unknown xylose catabolic pathway in 
S. oneidensis.  
         Xylose catabolic pathways were not previously detected in the S. oneidensis genome 
(18), and correspondingly, wild type S. oneidensis was unable to consume xylose.  The 
newly isolated, xylose-adapted strain XM1, on the other had, consumed xylose and grew 
under aerobic and anaerobic nitrate-, fumarate-, and Fe(III)-reducing conditions (Fig. 2). 
Whole genome sequencing indicated that strain XM1 contained a mutation in an unknown 
membrane protein, SO_1396 resulting in a glutamine to histidine conversion at amino acid 
position 207. Only minor structural differences were noted between the predicted structure 
of SO_1396 wild-type and Q207H mutant forms (Fig. 4B and C). Histidine is weakly 
charged at neutral pH with pKa of a bulky (imidazole) R-group at 6.04, while glutamine is 
polar and neutral at pH 7.0. This minor structural change may have enabled xylose to be 
transported into strain XM1 by SO_1396Q207H via interaction with predicted active site 
residues. Similar observations of point mutations affecting substrate specificities in sugar 
transporters have been previously reported (59-61). SO_1396Q207H structure is predicted to 
contain 8 transmembrane domains (TM) and the structure is outward occluded with the top 
width wider (62 Å) compared to bottom width (53 Å) similar to E. coli xylose transporter 
XylE (Fig. 4A). Xylose transport by XylE is coordinated through hydrogen bonding by 
glutamine and asparagine and interaction with several aromatic amino acid residues 
(tyrosine, tryptophan and phenylalanine) (62). Similar polar residues found in SO_1396Q207H 
!
! 211!
included Q202 (TM5), Q277 (TM6), Q290 (TM6), Q325 (TM7), N278 (TM6) and aromatic 
residues included W187 (TM5), W312 (TM7), W345 (TM8), Y287 (TM6), Y314 (TM7), 
F188 (TM5), F284 (TM6), and F350 (TM8), These residues may play a similar role in 




Figure 5.5. Predicted secondary structure of SO1396Q207H. (A) The homology model 
based on membrane domain of the respiratory complex I from E.coli as template (PDB 
ID: 3rkoC) contains 8 transmembrane domains (labeled as TM). Single point mutation 
in xylose adapted XM1 was found in SO1396 at 207
th
 amino acid residue (Q207H). (B) 
Front view of secondary structure alignment between WT SO_1396 and SO_1396Q207H. 
WT SO_1396; red, SO_1396Q207H; blue,  (C) Top view of secondary structure alignment 
between WT SO_1396 and SO_1396Q207H. WT SO_1396; red, SO_1396Q207H; blue. (D) 
Top view of homology model of SO1396Q207H illustrating the residues predicted to aid 




















Figure 5.5 continued 
 
Strain XM1 is predicted to contain the xylose oxido-reductase pathway (Fig. 1). 
Although the XM1 genome does not contain a putative xylose reductase, the aldo/keto 
reductase SO_0900 displayed similarity to the E. coli and Z. mobilis xylose reductases 
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(Table. S5) (44). The kinetic parameters of XR activity of purified SO_0900 with xylose as 
substrate were comparable to that of ZMO0976 from Z. mobilis (Table S9). Moreover, 
deletion mutant XM1-SO_0900 was unable to metabolize xylose as carbon and energy 
source, thus indicating that SO_0900 may function as a xylose reductase (Fig. 3).  
The secondary structure of E. coli GlpK is homologous to E. coli XK, and the kinetic 
and structural properties of E. coli XK are derived from E. coli GlpK (53). Interestingly, 
XM1 GlpK (SO_4230) was also highly similar (84%; Table. S8) to E. coli GlpK, and the 
secondary structure of SO_4230 was highly homologous to E. coli XK (Fig. S3). Moreover, 
residues Asp10 and Asp244 (required for XK catalytic activity in E. coli) of SO_4230 were 
homologous to Asp6 and Asp233 of E. coli XK, respectively (Highlighted in green in Fig. 
S3) (53). SO_4230 displayed XR activity with D-xylulose as substrate, however, unlike 
SO_0900, the kinetic parameters of SO_4230 differed from other known XKs (Table. S9). 
The specific activity and Vmax of known XKs were up to 100-fold higher then that of 
SO_4230. The km of SO_4230 was 3-5-fold higher than that of known XKs (Table. S9). 
Deletion mutant strain XM1- SO_4230 was unable to metabolize xylose as carbon and 
energy source, thus indicating that SO_4230 may function as a xylulokinase (Fig. 3).  
Although SO_4673 and SO_2452 displayed high similarities to known XDH 
proteins (Table. S6 and S7), purified forms of SO_4673 and SO_2452 did not display XDH 
activity with D-xylitol as substrate (Table 1). However, SO_4673 and SO_2452 displayed 
dehydrogenase activity with threonine and ethanol as substrates, respectively (data not 
shown) thus confirming that the purified proteins were active. The current working model of 
the xylose catabolic pathway in strain XM1 includes putative xylose transporter 
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SO_1396Q207H, xylose reductase SO_0900, and xylulose reductase SO_4230 identified in the 
present study (Fig. S5). The identity of S. oneidensis XDH, however, remains unknown. 
Xylose metabolism in strain XM1 was coupled to PHB production by growing 
recombinant strain XM1 harboring the PHB biosynthetic genes phaCAB in the presence of 
varying initial concentrations of xylose. Although PHB production increased 68-fold when 
initial xylose concentrations were increased 10-fold (0.5 - 5 mM), a further 10-fold increase 
in initial xylose concentrations (5 - 50 mM) led to only a 1.3-fold increase in PHB 
production (Fig. 5A). To further investigate, initial xylose concentrations were increased to 
100 mM that led to a 7% decrease in PHB production (Fig. 5A). This result indicated that 
the efficiency of PHB production and xylose consumption were limited in strain XM1 (Fig. 
5B and C). To achieve maximal %PHB produced per mg xylose consumed, 5 mM initial 
xylose concentration was the most optimal with a PHB production yield of 10% mg mg-1 
DCW by strain XM1 (Fig. 5C). 
 
An otherwise silent xylose catabolic pathway was activated in S. oneidensis by 
application of adaptive evolution strategy. Xylose catabolism was subsequently coupled to 
PHB production. The expansion of S. oneidensis to convert the lignocellulose component 
xylose to a useful chemical product such as PHB may be beneficial in diverse 
biotechnological applications. Metabolism of multiple carbon sources such as glucose, 
glycerol and xylose by S.oneidensis will improve efficiency of electricity generation, biofuel 
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Figure. 5.S1. SDS-PAGE for expression of recombinant SO_0900 & SO_4230 from 
E. coli JM109. Each lane was loaded with 20 g protein. Lanes: 1, Empty pQE80L 
plasmid crude; 2, SO_0900 crude; 3, SO_4230 crude; 4, MW marker; 5, SO_0900 





Figure. 5.S2. SDS-PAGE for expression of recombinant SO_4673 & SO_2452 from 
E. coli JM109. Each lane was loaded with 20 g protein. Lanes: 1, Empty pQE80L 
plasmid crude; 2, SO_4673 crude; 3, SO_2452 crude; 4, MW marker; 5, SO_4673 







Figure. 5.S3. Pairwise sequence alignment of glycerol kinase (from S. oneidensis) 
and xylulokinase (from E.coli). Blue arrows indicate alpha helix and red arrows 
indicate beta strands. Green shades indicate homologous residues Asp10, Asp244 





Figure. 5.S4. Xylose concentration profiles during PHB production by strain XM1 
harboring the PHB biosynthetic genes phaCAB. Cells were cultured in LB and gene 
expression was induced by the addition of 0.5 mM arabinose. Cells were then 
resuspended in minimal media with 0 - 100 mM xylose as sole carbon and electron 
source. Primary y-axis (left) - 0 mM; blue ("), 0.1 mM; red (!), 0.5 mM; green 
(▲), 5 mM; violet (x), Secondary y-axis (right) - 50 mM; black (*), 100 mM; orange 























Figure. 5.S5. Working model of the xylose catabolic pathway in strain XM1 
including putative xylose transporter SO_1396Q207H, putative xylose reductase 

















Table 5.S1. Composition of SM media 
 
Compound Concentration (mM) 
Sodium DL lactate 10  
Potassium Phosphate 10  
NH4SO4 15  
MgSO4. 7H2O 1  
CaCl2.2H2O 0.48  
EDTA, disodium salt 0.67  
FeSO4.7H2O 0.1  
NaHCO3 0.2  
FeCl3 0.1  
Na2SeO4 0.01  
H3BO3 0.05  
ZnSO4.7H2O 0.005  
Na2MoO4.2H2O 0.007  
CuSO4.5H2O 0.001  
MnSO4.H2O 0.001  
CoSO4.7H2O 0.05  
NiCl2.6H2O 0.08 














Wild type strain 
XM1 Xylose-adapted strain 
XM1 ΔSO1396Q207H Xylose-adapted strain with  
SO1396Q207H gene deleted 
XM1 ΔSO1396Q207H + 
pBBR1MCS-SO1396Q207H 
Xylose-adapted strain with  
SO1396Q207H deleted harboring 
pBBR1MCS with SO1396Q207H 
complementation 
XM1 ΔSO0900 Xylose-adapted strain with SO0900 
gene deleted 
XM1 ΔSO4230 Xylose-adapted strain with SO4230 
gene deleted 
XM1 pBAD-phaCAB Xylose-adapted strain complemented 
with pBBR1MCS harboring phaCAB 
genes 
EC100D pir-116 F- mcrA Δ(mrr-hsdRMS-mcrBC) 
φ80dlacZΔM15 ΔlacX74 recA1 endA1 
araD139 Δ(ara leu)7697 galU galK λ- 
Escherichia coli β 2155 λ 
pir 
thrB1004 pro thi strA hsdS lacZM15 
(F9 lacZΔM15 lacIq traD36 proA1 
proB1) ΔdapA::erm pir::RP4 Kmr 
Escherichia coli JM109 endA1 glnV44 thi-1 relA1 gyrA96 
recA1 mcrB+ Δ(lac-proAB) e14- [F' 
traD36 proAB+ lacIq lacZΔM15] 
hsdR17(rK-mK+) 
Ralstonia Eutropha Wild type strain 
JM109 pQE80L-0900 JM109 complemented with pQE80L 
harboring SO0900 genes 
JM109 pQE80L-4673 JM109 complemented with pQE80L 
harboring SO4673 genes 
JM109 pQE80L-4230 JM109 complemented with pQE80L 
harboring SO4230 genes 
JM109 pQE80L-2452 JM109 complemented with pQE80L 








pKO2.0 4.5-kb γR6K, mob RP4 sacB GmR 
lacZ 
pBBR1MCS 4.7-kb CmR lacZ 
pBBR1MCS-1396 Q207H Plasmid with SO1396 Q207H inserted 
pQE80L 4.8-kb ColE1 AmpR lacIq 6xHis (N-
terminal) 
pQE80L-SO0900 Plasmid under pBAD promoter and 
SO0900 gene inserted 
pQE80L-SO4230 Plasmid under pBAD promoter and 
SO4230 gene inserted 
pQE80L-SO2452 Plasmid under pBAD promoter and 
SO2452 gene inserted 
pBBR1MCS-phaCAB Plasmid under arabinose promoter and 






























Table 5.S3. List of the primers used in this study. Underline indicates  
restriction enzyme cutting site 
 











































































(Template) S. oneidensis MR-1 365     
Top 3 hits in 
Shewanella sp 
Sbal223_1289 S. baltica OS223 401 78 88 0 99 
AEA42_07100 Shewanella sp. Sh95 400 86 94 0 96 
NA Shewanella sp. ZOR0012 400 86 93 0 96 
Top 3 hits outside 
Shewanella sp 
BG00_17450 Pseudoalteromonas sp. SCSIO_11900 361 40 61 3.E-79 95 
AMS57_07405 Pseudoalteromonas tetraodonis 361 40 61 4.E-78 95 
ND6B_3400 Pseudoalteromonas sp. ND6B 366 40 61 5.E-78 95 
Known D-xylose 
transporters 
XylE E.coli 491 29 51 2.E-02 60 
GAL2 S. cerevisiae 574 24 48 9.0 6 
























(Template) S. oneidensis MR-1 346     
Top 3 hits in 
Shewanella sp 
SOHN41_00409 Shewanella sp. HN-41 346 97 98 0 100 
Shewmr4_0747 Shewanella sp. MR-4 346 98 99 0 100 
Shewmr7_3273 Shewanella sp. MR-7 346 99 99 0 100 
Top 3 hits outside 
Shewanella sp 
AALB_3252 Agarivorans albus 




SFn118 344 66 80 8.E-166 100 
JV59_36730 Vibrio coralliilyticus 344 65 78 4.E-160 100 
Known D-xylose 
reductases 
ECs0473 Escherichia coli 324 31 51 7.E-44 96 
XylR Candida tenuis 322 33 60 4.E-10 32 
























(Template) S. oneidensis MR-1 
341 
    
Top 3 hits in 
Shewanella sp 










99 99 0 100 









341 89 94 0 100 
SARI_03933 Salmonella enterica 341 88 94 0 100 
Known D-xylitol 
dehydrogenases 
AGROH133_13378 Agrobacterium sp. 
H13-3 
345 28 46 4.E-35 89 
L230_07742 Staphylococcus 
aureus CBD-635 
341 22 40 7.E-06 92% 















Table 5.S7. Blast analysis of SO_2452 
 














    
Top 3 hits in 
Shewanella sp 
AWJ07_20235 S. frigidimarina 335 29% 47% 9.E-23 71% 




314 27% 41% 1.E-15 92% 





313 71% 84% 1.E-168 99% 
AAY54_06065 Vibrio metoecus 313 70% 85% 1.E-167 99% 
VEJY3_09035 Vibrio sp. EJY3 313 70% 84% 3.E-166 99% 
Known D-xylitol 
dehydrogenases 
Shal_2008 S. halifaxis 344 22% 40% 8.E-07 68% 




345 21% 36% 1.E-05 49% 
!
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Table 5.S8. Blast analysis of SO_4230 




















    













494 96 97 0 100 
























484 24 42 4.E-26 89 
ECs4447 Escherichia coli 484 24 41 2.E-26 97 
 
GlpK Escherichia coli 502 72 84 0 99 
!
236!
Table 5.S9 Comparison of protein characteristics of SO_0900 and SO_4230 with xylose reductase and xylulokinase from 
other organisms respectively. 








SO_0900 S. oneidensis 2.93 ± 0.17 93 ± 7 3.41 ± 0.21 
XR Zymomonas mobilis 3.4 ± 0.2 258 ± 43 6.9 ± 1.2 
XR Pichia stipitis 16.7 42 16.7 
XR S. cerevisiae 2 142 NA* 
XR Neospora crassa 72.5 34 NA* 
Xylulokinase 
SO_4230 S. oneidensis 0.2 ± 0.013 1.7 ± 0.12 0.52 ± 0.02 
XK Escherichia coli 1.6 0.3 NA* 
XK S. cerevisiae 3 0.31 38.4 
XK Mucor circinelloides 10.8 0.29 32 
XK 
Pichia stipitis NCYC 
1541 
21.4 0.52 NA* 





CONCLUSIONS AND FUTURE RECOMMENDATIONS 
6.1 Conclusions 
Due to their high oxidation potential, Fenton reaction-generated HO! radicals 
oxidatively degrade a wide variety of hazardous organic compounds. Microbially-driven 
Fenton reactions designed in the present study was based on production of H2O2 via 
microbial O2 respiration and Fe(II) via microbial Fe(III) reduction alleviate the need for 
continual addition of H2O2 and Fe(II) that drive the chemical Fenton reaction [1-3]. The 
microbially driven Fenton degradation of 1,4-dioxane was driven by pure cultures of the 
Fe(III)-reducing facultative anaerobe S. oneidensis.  S. oneidensis batch cultures were 
provided with lactate, Fe(III), and 1,4-dioxane and were exposed to alternating aerobic 
and anaerobic conditions. The microbially driven Fenton reaction completely degraded 
1,4-dioxane (10 mM initial concentration) in 53 h with an optimal aerobic-anaerobic 
cycling period of 3 h.  Acetate and oxalate were detected as transient intermediates 
during the microbially-driven Fenton degradation of 1,4-dioxane, an indication that 
conventional and microbially-driven Fenton degradation processes follow similar 
reaction pathways (Chapter 2).  
The main objective in chapter 3 was to design a new fed batch microbially driven 
fenton reaction system to simultaneously degrade single, binary and ternery mixtures of 
TCE, PCE and 1,4-dioxane. In the newly designed reaction system, Fe(II)-generating, 
H2O2-generating, and contaminant degradation phases were separated to minimize 




reaction system degraded TCE, PCE, and 1,4-dioxane either as single contaminants or as 
binary and ternary mixtures.  In the presence of equimolar concentrations of TCE and 
PCE, the ratio of the experimentally derived rates of TCE and PCE degradation was 
nearly identical to the ratio of the corresponding HO! radical reaction rate constants.  The 
new microbially-driven Fenton reaction system may be applied as an ex situ platform for 
simultaneous degradation of co-mingled TCE, PCE, and 1,4-dioxane and provides 
valuable information for future development of in situ remediation technologies. 
The main objective in chapter 4 was to apply the newly designed microbially-
driven Fenton reactor system to directly pretreat and hydrolyze cellulose and 
hemicellulose to produce short-chain sugar oligosaccharides. The microbially driven 
fenton reaction degraded cellulose and hemicellulose to produce a mixture of 
cellodextrins and xylodextrins as products. We also demonstrated that the individual 
cellodextrin and xylodextrins degraded to their respective shorter oligosaccharides with 
lower DP values. The xylose produced as the main byproduct of hemicellulose 
degradation was fermentable and was coupled to PHB production by XM1. The 
combined pretreatment and saccharification method for cellulose and xylan developed 
did not involve the addition of acid, alkali compounds or the use of hydrolyzing enzymes 
thus being an economically feasible process to directly produce simple fermentable 
sugars from cellulose and xylan [4]. Microbial Fe(III) reduction is a dominant anaerobic 
respiratory process in soil and sediments, which suggests that the microbially driven 
fenton reaction may play an important role in the degradation of decaying plant and 




conditions thus providing a foundation for the study of organic carbon cycling in a 
natural setting. 
The main objective in chapter 5 was to identify the xylose catabolic pathway in S. 
oneidensis genetically engineer xylose-adapted S. oneidensis transformants to express the 
PHB biosynthesis genes (phaCAB) of R. eutropha and produce PHB (biodegradable 
plastics) with xylose as sole carbon and energy source. Wild type S. oneidensis is unable 
to utilize xylose as sole carbon and energy source. To overcome this limitation, adaptive 
evolution approach was followed to generate S. oneidensis mutants (XM1) that 
metabolized xylose as sole carbon and energy source.  This study led to the identification 
of a previously unknown xylose catabolic pathway in S. oneidensis including a MFS 
transporter (SO_1396) and two metabolic enzymes (SO_0900 & SO_4230) through 
complementary genetic and biochemical techniques. xylose metabolism in XM1 was 
succensfully coupled to PHB production with an optimum xylose concentration of 5 mM 
resulting in PHB production yield of 10% mg mg-1 DCW. This expansion of metabolic 
capability to convert xylose to a useful product such as PHB can be beneficial in 
biotechnological applications to couple multiple carbon sources such as glucose, glycerol 
and xylose by S.oneidensis to improve efficiency of electricity generation, biofuel 
production and bioremediation of toxic contaminants [5-7]. 
 
6.2    Recommendations for future work 
6.2.1 Optimization of the current ex situ microbially driven Fenton reaction 
!
The current fed-batch reactor configuration is designed to avoid contaminant loss 




system to degrade multiplae contaminants is not optimized. The fed-batch reactor could 
be optimized through a series of modifications to upscale and improve the degradation 
efficiency. Reaction parameters that could be varied include temperature, pH, 
concentrations of Fe(III) substrates and concentration of dissolved O2, Fe(III), electron 
shuttles, and electron donors (lactate, acetate, or formate). Contaminant concentrations 
could range from those found in low-concentration plumes to source zone levels 
(µg/L)(1,4-dioxane: 200-50,000; TCE: 1-15; PCE: 0.5-5 [8, 9].  Fe(III) substrates could 
include soluble Fe(III)-citrate and solid Fe(III) oxide forms to determine the effects of 
Fe(III) substrates on the efficiency of the microbially driven Fenton reaction.  One key to 
enhancing microbial Fe(III) reduction activity in the microbially driven Fenton reaction 
will be to provide soluble electron shuttles to enhance microbial Fe(III) reduction 
activity, HO! radical production, and contaminant degradation rates. Thus, experiments 
with solid Fe(III) oxides could be carried out in the presence and absence of both natural 
(humic acid) and synthetic (anthraquinone-1,6-disulfonate; AQDS) compounds as 
electron shuttles. 
6.2.2 Development of in situ remediation technologies based on the microbially 
driven Fenton reaction 
!
Following modification of the newly developed fed batch reactor under optimized 
conditions, flow-through columns could be developed to degrade contaminants under 
dispersive and advective flow conditions. An efficient flow-through reactor design could 
entail maintaining reactor O2 concentrations at approximately 15 µM to facilitate 
simultaneous O2 and Fe(III) reduction in the flow-through column.  Reactor O2 




advective flow rates, which will correspondingly drive changes in microbial O2 
consumption rates and reactor O2 concentrations.  Under these conditions, the flow-
through columns may produce HO. radicals and degrade contaminants under steady state 
conditions.  
 
6.2.3 Development of S. oneidensis capable of cometabolizing glucose and xylose 
mixtures as carbon and energy source 
 
The xylose-adapted XM1 S. oneidensis developed in this study (Chapter 5) does 
not metabolize glucose as sole carbon and energy source. Glucose and xylose are the 
predominant byproducts from lignocellulosic biomass degradation and hydrolysis. 
Therefore, simultaneous fermentation of glucose and xylose has been a bottleneck and 
limits yield and productivity of secondary products such as bioethanol and isobutanol 
[10].  XM1 strain could be chemically mutagenized to produce genetic mutants that co-
metabolize both glucose and xylose to produce secondary chemicals including PHB, 
bioethanol, isobutanol by genetically engineering S. oneidensis with the respective 
biosynthetic pathways. 
 
6.2.4 Engineering a secretion system and improved acetyl-CoA flux for efficient 
polyhydroxybutyrate production in XM1 
 
Metabolic engineering is a tool used to produce useful secondary chemicals and 
improve them with high yield and efficiency. Acetyl CoA is a key intermediate during 
carbon metabolism and the precursor of the PHB biosynthetic pathway.  Therefore, the 
overall flux of acetyl-CoA may be chanelled to produce high amounts of PHB through 




pta, gltA, mdh that convert acetyl-CoA to acetylphosphate, acetate, citrate, and malate 
respectively [11, 12]. XM1 genome does not have PHB depolymerase proteins thus 
enabling accumulation of intracellular PHB in this study. A PHB secretion system may 
be engineered into XM1. Intracellular PHB are spherical granules with a hydrophobic 
core, thus recovery from cells has been a major bottleneck in the past [13]. Current 
recovery systems include mechanical, chemical and biological treatments that are cost 
ineffective. A novel secretion system recently reported could be applied in XM1 for 
efficient secretion of PHB [13]. 
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